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- It’s always trivial the way we discover certain things. 

And as these fall on our lives, growing from drop to flood. 

The story of the horse that lost the nail and then lost the iron and the 

general lost his balance and the army lost the leadership and the King 

finally lost the battle and lost the war. 

A lost war because of a nail. - 



                                

 

 



                                                                                    RIASSUNTO 

Il successo della bioraffineria deve passare per lo sviluppo di cell factories 

efficienti, robuste e versatili. Attualmente, microrganismi come lieviti, 

batteri e alghe, svolgono un ruolo chiave in numerosi processi industriali; 

tuttavia, molti dei ceppi industriali sono utilizzati per ragioni storiche, 

piuttosto che esser accuratamente selezionati a seconda della specifica 

applicazione. Inoltre, le richieste di maggiore produttività, produzione di 

composti non-convenzionali/non-naturali e della capacità di crescere su 

diversi substrati ha portato ad un grande interesse per un miglioramento 

degli attuali workhorses utilizzati a livello industriale e allo sviluppo di ceppi 

con nuove proprietà. 

Il lievito modello Saccharomyces cerevisiae è attualmente il principale 

microorganismo utilizzato per la produzione di etanolo di prima 

generazione. Uno dei maggior ostacoli allo sviluppo di processi di seconda 

generazione è rappresentato dalla scarsa tolleranza di questo lievito ai 

composti inibitori rilasciati/prodotti durante il pretrattamento delle 

biomasse lignocellulosiche. 

Nella prima parte di questo lavoro, sono stati descritti due diversi approcci 

per incrementare la tolleranza di S. cerevisiae ai composti derivanti dal 

pretrattamento delle biomasse. 

Per quanto riguarda il primo approccio, l’effetto dell’over-espressione di un 

gene codificante un fattore trascrizionale (YAP1) e di un gene codificante 

per una NADH-citocromo b5 reduttasi mitocondriale (MCR1) è stato 

valutato in un ceppo industriale di S. cerevisiae. Durante coltivazioni batch, 

utilizzando idrolizzato di abete rosso, l’over-espressione di tali geni è 
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risultata in un più rapido catabolismo degli esosi. Il secondo approccio ha 

mostrato che ingegnerizzando S. cerevisiae in modo che possa produrre 

endogenamente acido L-ascorbico è possibile incrementare la tolleranza 

all’acido acetico. 

Nella seconda parte del lavoro, dato che i lieviti attualmente utilizzati a 

livello industriale sono solo la punta del proverbiale iceberg della diversità 

genetica presente in natura, lieviti non-Saccharomyces sono stati investigati 

per il loro potenziale a livello industriale. 

I) Kluyveromyces marxianus (CBS 712) è stato scelto per alcune sue 

caratteristiche come la produzione di etanolo, la termotolleranza e la 

capacità di crescere su una vasta gamma di substrati. La sua capacità di 

crescere su xilosio e produrre etanolo è stata valutata mediante coltivazioni 

batch. Durante tali esperimenti, sia l’apporto di ossigeno che la 

temperatura si sono dimostrati parametri chiave che influenzano la 

capacità fermentativa del ceppo. 

II) I lieviti oleaginosi Rhodosporidium toruloides (DSM 4444), Lipomyces 

starkeyi (DSM 70295) e Cryptococcus curvatus (DSM 70022) sono stati scelti 

come cell factories per la produzione di lipidi a partire da glicerolo grezzo. 

Per evitare la fase lag è stata sviluppata una strategia di feeding semplice 

ed efficiente, che ha permesso di ottenere con tutti e tre i lieviti un’elevata 

biomassa e produzione di lipidi. L. starkeyi è stato anche sottoposto ad un 

approccio di evoluzione diretta per incrementare la sua robustezza ai 

composti inibitori derivanti dal pretrattamento delle biomasse. I risultati 

preliminari sono promettenti ed esperimenti sono tutt’ora in corso. 
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III) Zygosacchromyces bailii è stato scelto per la sua capacità di crescere a 

bassi pH e in presenza di considerevoli quantità acidi organici deboli. 

Fermentazioni in bioreattore a basso pH ed in presenza di acido lattico sono 

state effettuate per valutare l’effetto fisiologico su questo lievito. Le analisi 

FTIR hanno rivelato che l’acido lattico induce cambiamenti macromolecolari 

a livello della struttura secondaria delle proteine intracellulari e alterazioni 

delle proprietà chimico-fisiche della membrana e della parete. 

Infine, IV) Candida lignohabitans è stata identificata come nuova cell factory 

per la produzione di acidi organici a partire da materiali lignocellulosici e al 

fine di investigare in modo approfondito il suo metabolismo sono state 

effettuate coltivazioni in chemostato. 

Complessivamente, il lavoro effettuato ha permesso di sviluppare ceppi 

industriali di S. cerevisiae maggiormente robusti che potrebbero essere 

utilizzati in processi fermentativi utilizzando idrolizzati lignocellulosici. 

Questo lavoro ha inoltre permesso di approfondire la conoscenza a livello 

metabolico e fisiologico di lieviti non-Saccharomyces con un grande 

potenziale a livello industriale. 
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                                                                                       ABSTRACT 

The success of the biorefinery concept will require efficient, robust and 

versatile cell factories. Currently, microorganisms, such as yeasts, bacteria 

and algae, are key players in numerous industrial processes. However, 

many industrial strains are currently used because of historical grounds, 

rather than being carefully selected for a specific application. Additionally, 

demands for increased productivity, wider substrate range utilization, and 

production of non-conventional/non-natural compounds, lead to a great 

interest in further improving the currently used industrial strains and the 

selection or development of strains with novel properties. 

The model yeast Saccharomyces cerevisiae is currently employed as a cell 

factory for the production of several industrial products, and in particular 

for first generation ethanol. One of the major obstacles for the 

development of second generation ethanol production processes is the 

toxic effect of compounds released during the pre-treatment of 

lignocellulosic biomasses, which represent a more sustainable feedstock. 

In the first part of this work, two different approaches to improve S. 

cerevisiae tolerance to compounds deriving from biomass pre-treatment 

are described. 

In the former case, the effects of overexpressing genes encoding the 

transcription factor (YAP1) and the mitochondrial NADH-cytochrome b5 

reductase (MCR1), either alone or in combination, was evaluated in an 

industrial xylose-consuming S. cerevisiae strain. During batch fermentation 

on undiluted and undetoxified spruce hydrolysate overexpression of either 

gene resulted in faster hexose catabolism. 
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The second approach was based on the comparison of a S. cerevisiae strain 

engineered to endogenously produce L-ascorbic acid (L-AA) with the 

parental strain. The vitamin C producing strain exhibited an increased 

tolerance compared to the parental strain when exposed to acetic acid at 

sublethal concentration. 

In the second part of the work, since the currently used industrial yeasts 

represent only the tip of the proverbial iceberg of the genetic diversity 

present in nature, different non-Saccharomyces yeasts were investigated 

for their potential industrial applications. 

I) Kluyveromyces marxianus (CBS 712) was chosen due to attractive specific 

traits such as production of ethanol, thermotolerance and ability to grow 

with a high specific growth rate on a wide range of substrates. Batch 

fermentations were performed to investigate its potential for xylose 

utilization and ethanol production. During these experiments, both oxygen 

supply and temperature were shown to be key parameters affecting its 

fermentation capability of sugars. 

II) The oleaginous yeasts Rhodosporidium toruloides (DSM 4444), Lipomyces 

starkeyi (DSM 70295) and Cryptococcus curvatus (DSM 70022) were chosen 

as three of the most promising cell factories for lipid production using crude 

glycerol as sole carbon source. An efficient yet simple feeding strategy for 

avoiding the lag phase caused by growth on crude glycerol was developed, 

leading to high biomass and lipid production for all the tested yeasts. L. 

starkeyi was further subjected to an adaptive laboratory evolution 

approach to increase robustness against inhibitory substances that form 
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during the biomass pre-treatment. Preliminary result are promising and 

experiments are still ongoing. 

III) Zygosacchromyces bailii was chosen for its capability to grow at low pH 

and in the presence of considerable amounts of weak organic acids. The 

physiological effect of lactic acid was assessed by bioreactor fermentation 

at low pH in the presence of lactic acid. FTIR analyses revealed that lactic 

acid induced macromolecular changes in the overall intracellular protein 

secondary structures, and alterations in cell wall and membrane physico-

chemical properties. 

Finally, IV) Candida lignohabitans was investigated as a novel microbial host 

for organic acid production from lignocellulosic material. Chemostat 

cultivations were performed to deeply investigate its metabolism. 

Overall, the work performed resulted in the development of industrial S. 

cerevisiae strains with improved traits that can match the requirements of 

lignocellulosic hydrolysate fermentation. The work also contributed to a 

better understanding of the metabolism and physiology of different non-

Saccharomyces yeasts with a great industrial potential. 
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1.1. MOVING TOWARD A BIOECONOMY 

Our strong dependence on fossil fuels is a consequence of the intensive use 

and consumption of petroleum derivatives which, combined with 

diminishing petroleum resources, causes environmental and political 

concerns. 

Nowadays, for the transportation sector the world’s primary source of 

energy is oil. World demand is approximately 96 million barrels a day and is 

expected to increase to about 116 million barrels a day by 2030 [1]. In order 

to simultaneously reduce the dependence on oil and mitigate climate 

change, alternative production chains for transport and chemical sectors 

are necessary. 

In this context, the term ‘bio-economy’ has emerged in different contexts, 

but until now, a comprehensive and common definition still needs to be 

developed. 

The term bio-economy is composed of the words ‘bio’ and ‘economy’, 

which implies the ‘opportunity to reconcile economic growth with 

environmentally responsible action’ [2]. The existing synonyms, i.e., bio-

based economy or knowledge-based bio-economy (KBBE), are often used 

interchangeably. 

As reported in Golembiewski and coworkers [3], the concept of a 

knowledge-based bio-economy (KBBE) has been introduced by the 

European Commission in 2004 but its importance has already been 

highlighted before e.g., by Hardy declaring that ‘The bio-based economy can 
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and should be to the 21st century what the fossil-based economy was to the 

20th century’ [4]. 

Currently, European research framework programs like ‘HORIZON 2020’ are 

aiming at promoting innovations within research areas of the evolving bio-

economy [5]. 

It is widely recognized that there is not a single solution to the previously 

described problems and that combined actions are needed. 

Interdisciplinary research not only faces engineering and natural sciences-

related challenges but also socio-economic challenges such as societal 

expectations affecting the adoption of new bio-economic products and 

processes. Hence, an integration of concepts and platforms from different 

disciplines is required to explore the prerequisites for implementing the 

bio-based economy. 

Currently, we still lack a standard measure to capture the current size of the 

bio-economy as well as to monitor its evolutionary progress, i.e., the 

transition from a fossil to a bio-based economy [6] (Figure 1). 

In Golembiewski and coworkers [3] three main challenges were identified 

for the implementation of the bioeconomy: I) the complex knowledge base 

challenge, at the beginning of the bio-economy new knowledge and 

capabilities will have to be created and acquired; II) the converging 

technologies challenge, new technologies across disciplines and, even more 

complex, across value chains will have to be developed; and III) the 

commercialization and market diffusion challenge, the development of the 
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bio-economy will have to be accompanied by the market adoption and 

diffusion of the developed technologies. 

 

 

 

 

 

Figure 1. Definition of Bioeconomy [7]. 

 

Still there is no common understanding of the concept on bio-economy, 

focus should be set on how to best manage collaborations between 

different disciplines to obtain radical innovations and on how to establish 

standardized measures allowing to track the implementation of the bio-

economy. 
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1.1.1. The Biorefinery concept 

In this global context of fossil energy dependence linked to oil and gas 

prices, it is essential to promote and increase the fraction of biobased 

products. Production and development of these new products are based on 

the biorefinery concept. 

A biorefinery is the integral upstream, midstream, and downstream 

processing of biomass into a range of products [8] (Figure 2). 

 

 

 

 

 

Figure 2. Schematic representation of the biorefinery concept. 
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It has been developed as a concept to use all kinds of biomass from 

forestry, agriculture, aquaculture, and residues from industry and 

households including wood, agricultural crops, organic residues (both plant 

and animal derived), forest residues, and aquatic biomass (algae and 

seaweeds). 

A biorefinery should produce a spectrum of marketable products and 

energy. The products can be both intermediates and final products, and 

include food, feed, materials, and chemicals; whereas energy includes fuels, 

power, and/or heat [9]. 

Biorefineries are expected to contribute to an increased competitiveness 

and wealth of the countries by supplying products and energy in an 

economically, socially, and environmentally sustainable manner. New 

competences, new job opportunities, and new markets are also expected to 

elaborate. Furthermore, the development of biorefineries is expected to 

contribute to the implementation of several European, North American, 

and global policies and initiatives. 

The production of biobased products could generate 10–15 US billion$ of 

revenue for the global chemical industry [9]. The potential for chemical and 

polymer production from biomass has been comprehensively assessed in 

several reports and papers [10, 11]. 

As clearly shown in Table 1, starting materials, processes, and also products 

are currently quite different between traditional refineries and 

biorefineries. However, it might be still very attractive to integrate biomass 
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processing in traditional refineries as a way to upgrade conventional 

refineries. 

 

Table 1. Overview of the major similarities and dissimilarities of petrochemical refineries and 

biorefineries [9]. 
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Biorefineries can create a process chain that considers biomass as a 

resource alternative to coal, crude oil, or natural gas in order to create C2-, 

C3-, or C4-based chemical platforms. 

One of the key prerequisites for a successful biorefinery is to invite key 

stakeholders from separate backgrounds (agriculture/forestry, 

transportation fuels, chemicals, energy, etc.) to discuss common processing 

topics and stimulate deployment of developed technologies in multi-

disciplinary partnerships. 

 

 

1.2. RENEWABLE RAW MATERIALS 

The industrial production of biofuels and biochemicals still remains 

economically unsustainable if expensive and edible substrates are 

considered [12]. 

To be economical feasible, many industrial fermentation processes require 

renewable raw materials having zero or even negative costs. However, low 

value nutrient sources are often challenging to utilize due to their 

heterogeneous nature and the presence of contaminant often resulting as 

inhibitory compounds. 

As attempts to reduce the cost of microbial culture media, researchers have 

investigated the use of various agro-industrial residues including whey 

permeate, sewage sludge, lignocellulosic biomass, crude glycerol, animal 

fat, flour-rich waste streams, sugar cane molasses, monosodium glutamate 

wastewater [13-19] and others. 
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Currently, the most attractive and studied renewable raw material is by far 

lignocellulosic biomass, due to its large amount and universal availability: 

lignocellulosic materials are the most abundant organic compounds in the 

biosphere, participating in approximately 50 % of the terrestrial biomass.  

Also crude glycerol, that is the main byproduct (about 10 % w/w) of the 

conversion of oils into biodiesel, is recently attracting increasing interests 

due to its low cost and increasing availability. 

In the next paragraphs (1.2.1. and 1.2.2.) lignocellulosic biomass and crude 

glycerol will be discussed in detail. 

 

1.2.1. Composition of lignocellulosic biomasses 

Worldwide annual production of lignocellulose biomass has been estimated 

to approach 10 - 50 billion dry tons [20]. 

The major constituents of lignocellulose materials are: I) cellulose, II) 

hemicellulose, and III) lignin and their relative concentrations largely 

depend on the plant material used [21]. 

I. Cellulose, the major structural component of plant cell wall, is a 

high molecular weight linear condensation polysaccharide 

consisting of several repeated cellobiose (an oligomer of two 

anhydrous glucose units joined together with β (1→4) glycosidic 

bond) units. Despite the fact that it is a polar molecule with several 

hydroxyl groups, cellulose is insoluble in water [22]. Cellulose exists 

in different crystalline structures with some more amorphous 
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regions, and its properties vary in relation to the degree of 

polymerization [23]. 

II. Hemicellulose (a collective term of polysaccharides) is the second 

major carbohydrate constituent of lignocelluloses. In contrast to 

cellulose, it is highly branched and it has a lower degree of 

polymerization. Hemicelluloses is made up of a heterogeneous 

group of polysaccharides and contains both hexose (D-galactose, D-

glucose and D-mannose) and pentose (L-arabinose and D-xylose) 

sugars [20]. 

The most common type of sugar polymer of hemicellulose family is 

xylan. Further, hemicelluloses may also contain small amounts of 

other sugars such as α-L-rhamnose and α-L-fucose, organic acids 

such as acetic, 4-O-methyl glucuronic, galacturonic, and ferulic acid 

and the acetyl groups can be partially substituted for the hydroxyl 

groups of sugars [24]. 

Hemicellulose is linked to cellulose and lignin by hydrogen bonds 

and covalent bonds, respectively [25]. 

III. Lignin is another major component of lignocellulose biomass and it 

is, by far, nature’s dominant source of aromatic polymer [26]. Lignin 

is an amorphous and highly branched irregular complex polymer, 

predominantly constituting of three phenylpropane units as the 

major building blocks: p-coumaryl alcohol, coniferyl alcohol, and 

sinapyl alcohol [27]. Lignin has been described as the cellular glue 

that holds cellulose and hemicellulose fibers together; its high 
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molecular weight, structural complexity, and insolubility in water 

make its degradation (as well as its valorization) very challenging 

[28]. Lignocellulose is a natural barrier that not only gives rigidity 

and strength to the plant cell, but also protects it from attack by 

microorganisms and insects. As a substrate for bio-products 

production, however, depolymerization of the lignocellulosic 

structure is a technological challenge. 

Apart from these three major components, plant cell walls also contain a 

minor amounts of other substances such as pectins, proteins, extractives, 

several inorganic compounds, and ashes, but they do not have significant 

impact in forming the lignocellulose structure. 

Lignocellulosic biomass is highly abundant and diverse, and include: 

agricultural, industrial, and municipal wastes, and residues derived from 

there. 

In general, three major types of lignocellulose biomass can be used as 

renewable feedstock: softwoods (e.g. spruce and pine), hardwoods (e.g. 

willow, aspen and oak) and grasses (e.g. wheat, rice and barley). Softwoods 

and hardwoods differ in structure and composition of the hemicellulose: 

softwood hemicellulose has a higher proportion of mannose and glucose 

units than hardwood hemicellulose, which usually contains a higher 

proportion of xylose units [29].  
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Table 2. Composition of different types of lignocellulosic biomass (% of dry matter). 

 

 

MSW, municipal solid waste; 

References: 
1
[30], 

2
[31]; 

3
[32]; 

4
[33]; 

5
[34] and 

6
[35]. 

 

However, different species of plants have significant differences in the 

proportions of the main components [36] (Table 2). Also, the ratios 

between these components vary in the same plant species depending on 

age, stage of growth, and other conditions [37]. 
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Therefore, while such abundance suggest that there is almost an unlimited 

supply of lignocellulosic biomass, the heterogeneous chemical composition 

imposes different technical challenges. 

 

1.2.1.1. Pretreatment of lignocellulosic materials 

The recalcitrant nature of lignocellulosic materials makes a pretreatment 

step necessary. The purpose of the pretreatment is mainly to delignify the 

biomass and decrease the cellulose crystallinity. This leads to an increased 

accessible surface area and increased porosity and thus enables easier 

hydrolysis of the carbohydrate polymers. 

Typical goals of pretreatment include: production of highly digestible solids 

that enhances sugar yields during enzyme hydrolysis, avoiding the 

degradation of sugars (mainly pentoses), including those derived from 

hemicellulose, minimizing the formation of inhibitors for subsequent 

fermentation steps, recovery of lignin for conversion into valuable 

coproducts and to be cost effective by operating in reactors of moderate 

size and by minimizing heat and power requirements. 

The pretreatment can be performed in numerous different ways, usually 

divided into I) physical, II) biological, III) chemical and IV) physico-chemical 

methods [38]. 

I. Physical pretreatment involves breakdown of biomass size and 

crystallinity by milling or grinding. Improved hydrolysis results 

due to the reduction in crystallinity and improved mass transfer 
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characteristics from reduction in particle size. This method is 

expensive and likely will not be used in a full-scale process. 

II. Biological pretreatment, as normally defined, involves the use 

of microorganisms (mainly fungi) to degrade lignin and 

hemicellulose but leave the cellulose intact. Lignin degradation 

occurs through the action of lignin degrading enzymes secreted 

by the fungi. Even though biological pretreatments involve mild 

conditions and are low cost, the disadvantages are the low 

rates of hydrolysis and long pretreatment times required 

compared to other technologies [39]. 

III. Various chemical pretreatments were studied aiming at the 

removal of the hemicellulosic fraction, the cleavage of the 

bindings between the lignin and the polysaccharides and the 

reduction of the cellulose crystallinity degree before the 

enzymatic hydrolysis of cellulose. In particular, some chemicals 

such as acids, alkali, organic solvents, and ionic liquids have 

been reported to have significant effect on the native structure 

of lignocellulosic biomass [40]. Even thought a lot of these 

processes reach high efficiency, disadvantages comprise the 

requirement of plants constructed with materials which have 

great resistance for drastic reaction conditions, especially 

concerning the aspect of environment corrosiveness. 

IV. The physico-chemical category includes the vast majority of 

pretreatment technologies such as Steam pretreatment (or 
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Steam Explosion), Liquid Hot Water pretreatment, Wet 

Oxidation pretreatment, Ammonia Fibre/ Freeze Explosion, 

Ammonia Recycle Percolation, Aqueous Ammonia 

pretreatment and Organosolv pretreatment. 

Steam explosion is the most commonly used method for the 

pretreatment of lignocellulosic materials [41]. In this method, 

biomass is treated with high-pressure saturated steam and then 

the pressure is suddenly reduced, which makes the materials 

undergo an explosive decompression. Steam explosion is 

typically initiated at a temperature of 160 - 260 °C 

(corresponding pressure, 0.69 - 4.83 MPa) for several seconds 

to a few minutes before the material is exposed to atmospheric 

pressure. The steam mixture is held for a period of time to 

promote hemicellulose hydrolysis, and the process is 

terminated by an explosive decompression. The process causes 

hemicellulose degradation and lignin transformation due to 

high temperature, thus increasing the potential of cellulose 

hydrolysis. 

Steam explosion can be effectively enhanced by addition of 

H2SO4, CO2 or SO2 as a catalyst. The use of acid catalyst 

increases the recovery of hemicellulose sugars, decreases the 

production of inhibitory compounds and improve the enzymatic 

hydrolysis on the solid residue [39, 42]. 
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Steam explosion is an attractive process because it makes 

limited use of chemicals, it does not result in excessive dilution 

of the resulting sugars; and it requires low energy input with no 

recycling or environmental cost. However, also this 

pretreatment has some disadvantage linked to an incomplete 

destruction of lignin-carbohydrate matrix, resulting in the risk 

of condensation and precipitation of soluble lignin components 

making the biomass less digestible, destruction of a portion of 

the xylan in hemicellulose and possible generation of 

fermentation inhibitors at higher temperatures. 

Each methods have inherent advantages and disadvantages, and 

effectiveness is strongly substrate-dependent [43]. 

Ideally, the pretreatment should be applicable to a range of raw materials 

with low energy demand at low capital and operating costs. The most 

common practice is that different pretreatment methods are combined in a 

cost effective way. 

 

1.2.1.2. Hydrolysis 

After the raw materials has been pretreated, the polymeric and oligomeric 

sugars have to be further degraded to monomers by a hydrolysis step. 

There are mainly two ways to do it: I) chemically, by acid catalysis and II) 

biologically, enzymatic treatment. 

I. Acid hydrolysis can be carried out with either concentrated or 

diluted acid, with differences between the methods. 
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The concentrated acid process operates at low temperatures 

(around 30 - 40 °C), usually utilising H2SO4 because of its low 

cost. The hydrolysis yields are good, with up to 90 % of the 

theoretical hexoses and pentoses released. In addition to this, 

the degradation of sugars into inhibitory compounds is low 

[44]. However, drawbacks of the method include the 

requirement of an efficient acid recovery process as well as the 

corrosiveness of the acid used [45]. It is, therefore, difficult to 

make the process economically feasible and there is nowadays 

little focus on this process. 

The diluted acid process operates with significantly lower 

concentrations of acid, usually less than 2 %. For this reason the 

hydrolysis has to be operated at a higher temperature (180 - 

230 °C) than those illustrated for the treatment with 

concentrated acid, in order to achieve high reaction rates [45]. 

The high temperature and low pH causes degradation of the 

sugar monomers into toxic compounds. The sugar yields from 

this process are around 50 - 60 % and up to 90 % of the 

theoretical, for the cellulosic and the hemicellulosic fraction, 

respectively. 

II. Enzymatic hydrolysis is performed usually using enzyme 

cocktails whose composition depends on the type of solid 

fraction [46]. 



                                                                             INTRODUCTION 

17 

These enzymes are produced naturally by a wide range of 

organisms such as fungi that grow on rotting wood or 

microorganisms present in the rumen of cows, and of various 

insects [47]. The enzymes produced by these organisms are 

referred to as cellulolytic and hemicellulolytic enzymes, 

respectively. 

The most famous producer of cellulolytic enzymes is the fungus 

Hypocrina jecorina, formerly known as Trichoderma reesei. 

Three major classes of cellulases are known to be necessary for 

complete hydrolysis of cellulose into glucose monomers: endo-

1,4-β-D-glucanases, exo-1,4-β-D-glucanases and 1,4-β-D-

glucosidases [48]. Endo-glucanases cleave β-1,4-glycosidic 

bonds randomly inside the cellulose polymer. Thereby, two 

chains with twice as many ends are created. This is utilised by 

the exo-glucanases, or cellobiohydrolases as they are also 

called, which cleave off cellobiose units from both ends of 

cellulose fibres. The cellobiose units are in turn hydrolysed into 

two glucose molecules by the 1,4-β-glucosidases. 

Even if pretreatment is often designed to degrade the 

hemicellulose into monomeric sugars, the supplementation of 

hemicellulolytic enzymes during hydrolysis can be 

advantageous. As example, enzymatic activities such as endo-

xylanase, exo-xylanase and β-xylanase can be required for the 

degradation of xylan into monomers. Moreover, synergistic 
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effects have been observed when cellulolytic and 

hemicellulolytic enzymes are used together [49]. 

 

1.2.2. Crude glycerol from biodiesel production 

Crude glycerol can be considered as a waste product deriving from the 

biodiesel production process. In fact, the triglyceride trans-esterification, 

necessary to produce methyl- or ethyl-esters, releases glycerol at the end of 

the process. It is estimated that for every 100 kg of biodiesel produced 10 

kg of crude glycerol are generated [50]. 

 

 

 

 

 

Figure 3. World's scenario of crude glycerol [51]. 
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Glycerol is considered one of the most interesting carbon sources, due to its 

low cost and its increasing availability (Figure 3). However, an efficient 

valorization of crude glycerol is difficult to achieve, despite this would help 

significantly in reducing the cost of the overall biodiesel production. This is 

because of the several impurities present in the crude glycerol such as 

residual methanol, NaOH, carry-over fat/oil, some esters, and low amounts 

of sulfur compounds, proteins, and minerals [52, 53]. 

Therefore, crude glycerol contains too many contaminants for a useful 

application in chemistry or pharmacy, and the purification process is too 

costly and energy-intensive [54]. 

Nowadays, in some countries, crude glycerol is treated as industrial 

wastewater or simply incinerated, making biodiesel a “grey” rather than a 

green fuel [52]. In addition, since glycerol can be used as a substrate from 

different microorganisms, it cannot be released in the environment [55, 

56]. 

For these reasons, the microbial conversion of crude glycerol into value 

added compounds attracts increasing interest and represent an alternative 

and “environmentally-friendly” strategy. Several papers underline how 

economic and environmental benefits could be gained if an industrially 

relevant process of adding value to crude glycerol will be developed [57]. 
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1.3. YEAST CELL FACTORY 

The development of economically feasible and sustainable biotechnological 

processes as alternatives to oil based chemistry will require efficient, robust 

and versatile cell factories [58]. 

Nowadays, microorganisms, such as yeasts, bacteria, and algae, are key 

players in numerous industrial processes, ranging from the production of 

traditional fermented foods and beverages to recombinant proteins and 

other high-value molecules [59]. 

In particular, yeasts have a large market: the global market reached 5.9 

billion US$ in 2013 and is projected to reach 9.2 billion US$ by 2019 [60], 

with a projected 5-year (compound) annual growth rate of 7.9 %. Many of 

these industrial processes rely on the model yeast Saccharomyces 

cerevisiae (that will be presented more in detail in the paragraph 1.3.1). 

However, as reported in literature [61], sometimes this yeast is not the 

optimal host, as example for large-scale production of heterologous 

proteins. Moreover, in the emerging era of bio-economy microbial cell 

factories will have to efficiently utilize more sustainable, cheaper and 

generally available carbon sources, especially lignocellulose and, in this 

context, S. cerevisiae cannot directly utilize xylose (the second most 

abundant sugar in lignocellulosic biomass after glucose) and arabinose [62, 

63]. 

Disadvantages such as these have promoted a search for alternative hosts. 

Biotechnologists have summarized all non-S. cerevisiae yeasts as “non-

conventional” yeasts. What unifies them is a short history of genetic and 
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biological characterization [64]. Notwithstanding the fact that S. cerevisiae 

remains by far the most widely used industrial yeast species to date, other, 

so-called non-conventional yeasts, such as Pichia pastoris (syn. 

Komagataella pastoris), Hansenula polymorpha (syn. Ogataea 

parapolymorpha), Yarrowia lipolytica, Pichia stipitis (syn. Scheffersomyces 

stipitis) and Kluyveromyces lactis are emerged as valuable contributors to 

industrial fermentation processes. 

Despite of this, there is still significant need of improvement. This is 

because many industrial strains are currently used because of historical 

grounds, rather than being carefully selected for a specific application, and 

are therefore often suboptimal for their purposes. Additionally, demands 

for increased productivity, wider substrate range utilization, and production 

of non-conventional compounds in industry, as well as changing consumer 

preferences, lead to a great interest in further improving the currently used 

industrial strains and the selection or development of strains with novel 

properties. 

Recent (meta)genomics studies indicate that the natural fungal biodiversity 

is enormous and largely unexplored, with the current industrial strains only 

representing a small fraction of the natural biodiversity [65]. This implies 

that nature possibly provide a wide variety of species and strains that may 

prove to be superior for certain industrial fermentations. 

Despite the immense wealth of natural yeast diversity, the extremely 

selective and specific conditions of industrial fermentations sometimes 

require a combination of phenotypic traits that might not be commonly 



                                                                             INTRODUCTION 

22 

encountered in nature. Several techniques have therefore been developed 

to artificially increase the existing yeast diversity and generate variants that 

may perform better in industrial settings. Genetic modifications as well as 

non-GMO approaches such as hybridization, mutagenesis, and directed 

evolution approaches have contributed to the expansion of strains 

(potentially) useful for industrial purposes [59]. However, each of these 

techniques has its shortcomings and limitations. In short, non-GMO 

techniques are often limited to phenotypes that allow efficient selection, 

and they often involve a risk of improving one property at the expense of 

others. GMO techniques, on the other hand, require a deep knowledge of 

the underlying genetics and are in many cases not well received by 

consumers. The ever-growing knowledge of yeast physiology and the 

continuously expanding biotechnological toolbox now allow more 

adventurous techniques. Interestingly, several of these novel techniques 

combine aspects of both classic non-GMO techniques and genetic 

modification. These techniques includes: transposon mutagenesis, global 

transcription machinery engineering (gTME), coupling of zinc fingers with 

transcription factors, targeting glycosylases to embedded arrays for 

mutagenesis (TaGTEAM) and others. 

Perhaps the greatest promise lies in the combination of carefully selecting 

the best strains from the immense natural biodiversity, followed by a 

combination of technique(s) to further improve these natural yeasts in 

order to generate superior variants for industrial use [59]. 



                                                                             INTRODUCTION 

23 

Overall, the new knowledge and technologies summarized above clearly 

show that there are enormous opportunities to obtain superior industrial 

yeasts and the gains are promising on the route to a true bio-economy. 

 

1.3.1. Saccharomyces cerevisiae 

Saccharomyces cerevisiae belongs to the phylum Ascomycetous, subphylum 

Saccharomycotina. S. cerevisiae, commonly known as bakers’ yeast, is 

probably the most studied and characterized yeast. It is known for its ability 

to ferment under fully aerobic conditions glucose to ethanol and carbon 

dioxide, thus been classified as a Crabtree-positive yeast. Because of this 

property, it has been used since ancient times for the production of 

alcoholic beverages and food [66]. 

In the past 50 years, S. cerevisiae has become one of the main cell factories 

for the production of chemicals from biomass in industrial biotechnology. 

The reasons underlying the choice of S. cerevisiae are several: I) is 

recognized by the American Food and Drug Administration (FDA) as an 

organism generally regarded as safe (GRAS); II) it can tolerate relatively low 

pH, thus allowing the recovery of the acid in its carboxylated form, 

decreasing the associated downstream costs; III) it does not produce toxins 

harmful for humans; IV) It is very osmo-tolerant V) it has a very high 

glycolytic flux thus through appropriate engineering strategies it is possible 

to obtain high productivities. 

S. cerevisiae has also become an important eukaryotic cell model, since its 

biochemical and signal transduction pathways are similar to those of higher 
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eukaryotic organisms, while remaining much simpler to culture. The study 

of S. cerevisiae has contributed to the development of an impressive variety 

of recombinant DNA technologies. Functional analysis of the genes present 

in its genome, the first complete eukaryotic genome published [67], has 

helped to better understand a variety of cellular processes. Moreover, the 

development of genome-scale metabolic models (GEMs), contributed to 

the identification of new, non-intuitive targets for metabolic engineering 

applications [68, 69]. 

Several works aimed at the engineering of S. cerevisiae as cell factory for 

the production of different classes of compound were published in the last 

decades, from bioethanol [70, 71] to organic acids, such as succinic [72, 73] 

and lactic acid [74], and recombinant therapeutic proteins such as insulin 

[75] and the antimalarial precursor artemisinic acid through the engineering 

of the isoprenoid pathway [76]. Several studies have also shown that it is 

possible to expand the substrate range of S. cerevisiae for utilization of 

naturally abundant pentose sugars like xylose and arabinose [62, 77]. 

The development of advanced molecular biology techniques and the 

establishment of robust fermentation technologies together with its GRAS 

status, makes S. cerevisiae still one of the best platforms to produce 

chemicals and biofuels [78]. 
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1.3.2. Kluyveromyces marxianus 

Klyveromyces marxianus belongs to Hemiascomycetous phylum, subphylum 

Saccharomycotina. It is phylogenetically related to S. cerevisiae and is a 

sister species to the better-known Kluyveromyces lactis [79]. 

K. marxianus is classified as facultative fermentative and Crabtree-negative 

[80]. It is important to note that it cannot grow under strictly anaerobic 

conditions and that the occurrence of ethanol formation is almost 

exclusively linked to oxygen limitation [80, 81]. 

Several K. marxianus strains have obtained the “generally regarded as safe” 

(GRAS) status, similarly to S. cerevisiae and K. lactis [82] and this is 

important from an industrial point of view in terms of process approval by 

regulatory agencies. 

This yeast is of particular interest because of traits that render it especially 

suitable for industrial application: I) the ability to grow at temperatures up 

to 45 °C [83, 84], II) the high capacity of converting substrate into biomass 

[85] and III) the highest specific growth rate among eukaryotes [86]. 

Moreover, this yeast possesses the natural ability to excrete enzymes: this 

is a desired property for cost-efficient downstream processing of low- and 

medium-value enzymes [87]. 

Several different biotechnological applications have been investigated with 

this yeast: production of enzymes (β-galactosidase, β-glucosidase, inulinase, 

and polygalacturonases, among others) [88], of single-cell protein, of 

flavour and fragrance (F&F) compounds [89], of ethanol (including high-

temperature and simultaneous saccharification-fermentation processes), 
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reduction of lactose content in food products, production of bioingredients 

from cheese-whey, bioremediation, as an anticholesterolemic agent and as 

a host for heterologous protein production [88]. 

One important aspect on the physiology of K. marxianus is the fact that 

significant differences in growth parameters, such as μmax and Yx/s, have 

been reported not only for different strains within the species but also for 

the same strain when investigated in different laboratories [85]. This makes 

difficult to gain fundamental knowledge on the metabolism and physiology 

of this yeast. As suggested in Fonseca and coworkers [88], it would be 

necessary that researchers started using one or two strains with 

characteristics that give to K. marxianus a clear advantage over other yeasts 

and this would allow the development of efficient molecular genetic tools. 

Currently, introduction of DNA into K. marxianus can be achieved by 

electroporation or by Lithium Acetate transformation using protocols 

adapted from S. cerevisiae and K. lactis [90-92]. 

Until one year ago there was no publicly available a full genome sequence 

for this species and only 20 % of the CBS 712 strain genome was randomly 

sequenced [79]. However in 2015 the complete genome sequence and 

transcriptome analysis of K. marxianus DMKU 3-1042 have been published 

[93]. These data together with new genomic and molecular tools will 

facilitate in the next future the development of novel applications with this 

yeast. 
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1.3.3. Rhodosporidium toruloides 

The oleaginous yeast Rhodosporidium toruloides (formerly known as 

Rhodotorula glutinis or Rhodotorula gracilis) belongs to the phylum 

Basidiomycetes, subphylum Pucciniomycotina [94]. 

R. toruloides, is a non-pathogenic fungus that can accumulate lipids to more 

than 70 % of its dry cell weight [95, 96]. In addition, this specie, often called 

“pink yeast”, has also been reported as a source of carotenoids [97, 98] and 

biotechnologically important enzymes, such as cephalosporin esterase [99] 

and epoxide hydrolase [100]. 

R. toruloides has already been proved to be capable to grow on a broad 

range of substrates including but not limited to: I) sugars (e.g. glucose and 

xylose), II) glycerol, III) lignocellulosic hydrolysate, and IV) sludge 

hydrolysate [95, 101]. 

Moreover, the robustness and tolerance to inhibitory compounds of this 

yeast has been well demonstrated [102, 103]. 

The genome of the yeast R. toruloides MTCC457 was sequenced in 2012 

[104]. In the same year, Zhu and coworkers [105] published a multi-omic 

map of R. toruloides providing valuable resource for efforts to rationally 

engineer lipid-production pathways. 

Transformation of R. toruloides by protoplast has been described in 1985 

[106], but this method suffered from low efficiency. However, in 2014 an 

Agrobacterium-mediated transformation (ATMT) protocol for effective 

gene integration into the R. toruloides genome was published [107]. 
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1.3.4. Cryptococcus curvatus 

The oleaginous yeast Cryptococcus curvatus belongs to the phylum 

Basidiomycetes, subphylum Agaricomycotina. C. curvatus is a unicellular, 

anamorphic yeast with an ovoid shape and has a polysaccharide capsule 

and multilamellate cell wall containing xylose, mannose, and mannitol. This 

yeast form soft mucoid colonies that can become yellow and wrinkled after 

one month. 

The organism is stable, very easy to grow with minimal nutritional 

requirements [16] and when grown with high C/N ratio can accumulate up 

to 60 % of its cellular dry weight as lipids [16, 108]. This accumulated oil is 

mainly triglyceride (80 - 90 %) [109], with a fatty acid profile rich in 16 and 

18 carbon acids showing Δ9, Δ12 and Δ15 desaturation, comparable with 

plant seed oil [110]. 

C. curvatus can grow on a broad range of substrates including, but not 

limited to: I) sugars (e.g. glucose, xylose, galactose, mannose, fructose, 

ribose, maltose, cellobiose, sucrose, and lactose), II) glycerol and III) whey 

concentrate or permeate [111, 112]. 

The genome sequence of C. curvatus is available (assembly ASM102816v1), 

but at the moment no transformation protocol has been published for this 

yeast. 

 

1.3.5. Lipomyces starkeyi 

The oleaginous yeast Lipomyces starkeyi belongs to the phylum 

Ascomycetous, subphylum Saccharomycotina. L. starkeyi is a unicellular 
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yeast with an ovoid/round shape that form mucoid colonies with a 

white/cream colour. 

Several biochemical and physiological studies [113] have shown that only a 

few trace elements influence the growth and lipid content of this yeast 

[114-116] and that temperature affects lipid composition, with the highest 

lipid production rate reported at 28 ˚C [115, 117]. 

L. starkeyi has the ability to accumulate over 70 % of its cell biomass as lipid 

under defined culture conditions [118]. This yeast has also others important 

biotechnological capabilities such as the production of dextranases [119, 

120] and delta 12-desaturases [121]. 

L. starkeyi can grow on a broad range of substrates including, but not 

limited to: I) sugars (e.g. glucose, xylose, galactose, arabinose), II) whey 

permeate [122], III) ethanol [111], IV) glycerol and V) sewage sludge [118]. 

Lipid production is maximal when glucose and xylose are supplied in a ratio 

of approximately 2:1 [116]. 

An efficient transformation system for L. starkeyi was reported in Calvey 

and coworkers [123] and in 2011 a proteomic analysis of L. starkeyi cells has 

been published [124]. 

Currently, no genome sequence of L. starkeyi strains is available in 

literature. 

 

1.3.6. Zygosaccharomyces bailii 

The yeast Zygosaccharomyces bailii belongs to Hemiascomycetous phylum, 

subphylum Saccharomycotina. 
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Colony morphology has been described as smooth, convex, and white to 

cream in color. However, great phenotypic diversity has been observed 

among Z. bailii strains [125]. 

Z. bailii is osmotolerant and grows preferentially on fructose [126]. This 

species is similar in some respects to the brewing yeast S. cerevisiae, 

fermenting in aerobic conditions and in anaerobic conditions with suitable 

nutritional supplementation. 

Z. bailli represent the most significant spoilage yeast within the genus, 

especially in acidic food products [127]. Its success as a spoilage yeast 

results from a number of physiological traits of the species, in particular, its 

remarkable resilience against weak acids. Z. bailii is reported to be highly 

resistant to sorbic, benzoic, acetic and propionic acids and to sulphite and 

hydroxycinnamic acids. It is also able to tolerate high concentrations of 

ethanol and other sanitizers and to grow in a wide range of pH (2.0–7.0) 

and water activities (0.80–0.99) [128]. 

These characteristics make Z. bailii an attractive candidate to allow 

fermentation processes to be performed under otherwise restrictive 

conditions, or to be used in heterologous protein and metabolite 

production due to its high resilience to a number of environmental stresses, 

high specific growth rate and high biomass yield [127]. The use of Z. bailii 

was already found to be successful for the production of lactic acid, L-

ascorbic acid (vitamin C) and vitamin B12 [129, 130]. More recently, the 

potential of Z. bailii for the production of bioethanol has also been reported 

[131]. 
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A quantitative proteomic analysis was recently performed to elucidate the 

mechanisms underlying the adaptive response and intrinsic high tolerance 

of Z. bailii cells to sub-lethal concentrations of acetic acid [132]. Proteome 

analysis revealed that the response to acetic acid involves an increased 

activity of different carbohydrate metabolic processes together with a 

requirement for increased ATP production, in order to assure acetate 

catabolism and cell detoxification.  

The development of molecular biology tools for Z. bailii, such as the 

isolation of stable auxotrophic mutants and release of a set of vectors 

allowing ectopic gene expression, is also relatively recent [133]. 

Until few years ago there was no available genome sequences for species of 

this genus The genome sequence of the Z. bailii type strain CLIB213T 

(=ATCC58445), was released only in 2013 [134]. More recently, the 

sequencing and annotation of the genome of the Z bailii yeast strain 

ISA1307 was also described [127]. 

 

1.3.7. Candida lignohabitans 

The yeast Candida lignohabitans (also described as Sugiyamaella 

lignohabitans; [135] belongs to the phylum Ascomycetous, subphylum 

Saccharomycotina. C. lignohabitans strains were isolated from tenebrionid 

beetles inhabiting rotten logs [136]. 

Currently, very few information are available in literature regarding its 

biochemistry, metabolism, or physiology. Actually, the first paper 
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investigating this yeast and highlighting its potential as a novel microbial 

cell factory for biorefinery applications was published in 2015 [137]. 

C. lignohabitans can grow on a broad range of substrates including several 

hexoses (glucose, mannose and galactose) and pentoses (xylose and 

arabinose). Moreover, in rich medium it is able to consume ethanol, lactate, 

glycerol and acetate [137]. 

This yeast has also the remarkable capability to convert both hexoses and 

pentoses into ethanol, that is a property that very few yeast strains possess 

[138]. 

As described by Bellasio and coworkers [137] C. lignohabitans is able to 

grow on rich medium supplemented with hydrolyzed lignocellulosic 

material and has a remarkable pH tolerance. Therefore, this yeast seems a 

promising reliable microbial host for production of organic acids from 

lignocellulosic material. 

C. lignohabitans can be efficiently transformed by an electroporation 

method. Unlike the majority of species belonging to the Candida genus, C. 

lignohabitans is not part of the CTG clade therefore metabolic engineering 

can be performed without any substitution of CTG codons [137]. 

GAP (glyceraldehyde 3-phosphate dehydrogenase) promoter and GAP 

terminator demonstrated to be appropriate regulation sequences for the 

expression of genes in this yeast. 

Currently, no genome sequence of C. lignohabitans strains is available in 

literature. 
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1.4. MICROBIAL CHALLENGES IN LIGNOCELLULOSIC 

BIOMASS UTILIZATION 

Several challenges are associated with the production of biofuels and/or 

chemicals from lignocellulosic biomasses by yeast. 

One challenge is associated with osmotic stress during fermentations at 

very high sugar/solids content (so-called “very high gravity fermentations”) 

[139]. Another challenge is related to the fact that often large-scale 

facilities (e.g. ethanol plants) are not run under sterile conditions and 

contamination by both bacterial species and yeast species may affect the 

production of interest [140, 141]. Contaminants may reduce the product 

yield and/or produce compounds that can inhibit the yeast growth. 

In addition to these, two major challenges associated with lignocellulosic 

material utilization are: the fermentation of pentose sugars and the 

tolerance to hydrolysate-derived inhibitors and to the final product (e.g. 

high ethanol concentrations). These will be discussed in detail in the next 

paragraphs (1.4.1. and 1.4.2.). 

 

1.4.1. Xylose utilization in yeast 

As previously described, pentose (C5) accounts for a considerable fraction 

of the total sugar in several lignocellulosic materials. Consequently, a 

microorganism capable of utilizing pentose and, in particular xylose, is 

needed for economically viable utilization of lignocellulosic feedstocks. 
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Two different xylose pathway have been successfully introduced into S. 

cerevisiae by heterologous expression: I) the XR/XDH pathway, commonly 

found in aerobic yeasts and fungi, and II) the XI pathway, commonly found 

in bacteria. 

 

 

 

Figure 4. Bacterial (a) and fungal (b) pentose utilization pathways. 

 

In this paragraph both pathways will be described underlying advantages 

and disadvantages associated with their introduction in S. cerevisiae. 

I. Most of the yeast and fungi that can utilize xylose have an 

oxido-reductive pathway consisting of a xylose reductase (XR), a 

xylitol dehydrogenase (XDH) and a xylulokinase (XK) (Figure 4a). 

The most studied xylose utilizing eukaryote is the yeast 

Schefferomyces (Pichia) stipitis [142]. The introduction of S. 
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stipitis XIL1 and XIL2 genes enabling S. cerevisiae to utilize 

xylose was reported for the first time in 1993 [143, 144]. In the 

XR/XDH pathway, D-xylose is first reduced to xylitol, which is 

then oxidized to D-xylulose. The XR catalyzes the conversion of 

xylose to xylitol using electrons stored in reduced cofactors. 

While some species use only NADPH as cofactor, others have a 

dual cofactor specificity and can use both NADPH and NADH, 

but still with an higher specificity for NADPH [145]. The XDH 

enzyme catalyzes the conversion of xylitol to xylulose and uses 

exclusively NAD+ as cofactor. 

Since XR prefers NADPH, while XDH utilizes NAD+, NADH 

generated during XDH conversion cannot be re-oxidized in the 

XR step [146]. This results in a cofactor imbalance and XR/XDH 

recombinant S. cerevisiae strains secrete xylitol during 

anaerobic xylose utilization. Different strategies, which include 

cofactor engineering and enzyme engineering, have been 

applied to reduce cofactor imbalance in xylose engineered S. 

cerevisiae strains. The most successful strategy so far was to 

generate variants of XR with altered cofactor specificity. Strains 

expressing these engineered variants produce ethanol with 

higher yield due to a significant reduced production of xylitol 

and are also able to grow anaerobically on xylose as sole carbon 

source [147]. However, the growth on xylose during batch 

fermentation in a glucose/xylose mixture remains low [148]. 
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It must be pointed out that S. cerevisiae does possess the genes 

for an endogenous oxido-reductive pathway. There are several 

genes encoding enzymes for xylose reduction (YJR096W, GCY1, 

GRE3 and YPR1), xylitol oxidation (XYL2, SOR1, SOR2 and XDH1) 

and only one encoding a XK (XKS1) [149]. The expressions of 

these genes are however very low, but the simultaneous over-

expression of GRE3 and XYL2 has been shown to confer a 

xylose-positive phenotype [150, 151]. 

II. The bacterial pathway has also been identified in the fungal 

species Piromyces sp. [152]. It consist of two enzyme (Figure 

4b): a xylose isomerase (XI) and a xylulokinase (XK). The XI 

catalyzes the conversion of xylose directly to xylulose, without 

the use of any cofactor. Due to problems in balancing the redox 

co-factors in the XR/XDH pathway, efforts have been made to 

develop recombinant strains expressing a gene encoding XI. 

However, most genes encoding XI are of bacterial origin and are 

not translated into fully functional enzymes when expressed in 

yeast [153, 154]. The recently reported site-directed 

mutagenesis of the XylA gene from Pyromyces has led to 

significant and rapid progress in the development of XI-based 

xylose fermenting S. cerevisiae strains [155]. However, strains 

with the XI pathway require extensive metabolic engineering 

combined with long adaptation in xylose medium before their 

performance can match that of less evolved XR/XDH strains 
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[156, 157]. The main advantage is still the potential of obtaining 

high ethanol yields due to very low xylitol production. 

As shown in Figure 4 the XK gene is common for both pathways and is 

important for achieving a high flux through any of the pathways. XI-strains 

with endogenous XK activity consume only a fraction of the available xylose 

and excrete the xylulose formed intracellularly [158, 159]. Similarly, in 

XK/XDH strains low XK activity leads to xylitol excretion and low ethanol 

production [160]. The majority of current developed strains only have a 

single extra copy of the XK gene integrated in the genome to enable xylose 

utilization. This because in all the tested cases [161, 162] a high XK activity 

lead to reduced xylitol yield, and increased ethanol yield consequently, but 

also lead to a reduced xylose consumption rate as well as lower aerobic 

growth rate. 

Many recombinant xylose fermenting strains of S. cerevisiae currently carry 

additional copies of the genes encoding the enzymes active in the non-

oxidative part of the PPP [163]. These modifications, together with the 

deletion of GRE3 gene, proved to be highly beneficial for xylose 

fermentation using S. cerevisiae. 

Another bottlenecks for an efficient xylose consumption in S. cerevisiae 

regards sugar transporters. S. cerevisiae has no specific transporter for 

xylose but the Hxt transporters (glucose transporters) as well as Gal2p 

transporter are able to facilitate the uptake of xylose [164, 165]. 

Despite the several publications, a S. cerevisiae strain that can efficiently co-

ferment glucose and xylose is still missing. Probably, this will not be 
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possible until a specific xylose transporter will be identified with an affinity 

for xylose that is at least equal that for glucose. 

 

1.4.2. Lignocellulose derived inhibitors and their effects on the 

cells 

During the pretreatment and non-enzymatic hydrolysis the lignocellulosic 

materials are not only broken down into the desired sugar monomers but 

degradation products with inhibitory effects to the subsequent 

fermentation are also formed. Furthermore, the degradation into the 

inhibitory compounds leads to a loss of fermentable sugars. 

 

 

 

Figure 5. Schematic representation of the lignocellulosic biomass composition and of the 

main products deriving from its pretreatment and hydrolysis [modified from 166]. 
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The concentration as well the type of such inhibitory compounds can vary 

greatly depending on the starting raw materials and the adopted 

pretreatment method. 

Commonly, the lignocellulose derived inhibitors are divided into three 

classes: I) carboxylic acids, II) furan aldehydes and III) phenolic compounds 

[167]. 

I. Origin and nature: Carboxylic acids such as formic acid, levulinic 

acid and acetic acid are the degradation products formed at highest 

concentration (0.5 - 5 g L-1). Acetic acid is formed by the initial 

hydrolysis of acetyl groups in hemicellulose, but is also the end 

product from many oxidation reactions. Formic acid is formed when 

furfural and HMF are broken down while levulinic acid is formed by 

HMF degradation [168]. 

Effects and mechanisms: Undissociated weak acids are liposoluble 

and can diffuse across the plasma membrane. The growth-

inhibiting effect on microorganisms has been proposed to be due to 

the inflow of undissociated acid into the cytosol [169]. In the 

cytosol, dissociation of the acid occurs due to the neutral 

intracellular pH, thus decreasing the cytosolic pH. The 

concentration of undissociated acids in lignocellulosic hydrolysates 

is very dependent on pH: it is a function of pH and pKa, and 

increases with decreasing pH (Henderson-Hasselbach equation). 

The values of pKa at zero ionic strength for acetic, formic, and 
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levulinic acid are 4.75 (25°C), 3.75 (20°C) and 4.66 (25°C), 

respectively. 

The inhibitory effect of weak acids has been ascribed to energy 

uncoupling and intracellular anion accumulation [166]. According to 

the uncoupling theory, the drop in intracellular pH resulting from 

inflow of weak acids is neutralized by the action of the plasma 

membrane ATPase, which pumps protons out of the cell at the 

expense of ATP hydrolysis [169]. Additional ATP must be generated 

in order to maintain the intracellular pH and under anaerobic 

conditions this is achieved by increased ethanol production at the 

expense of biomass formation. At high acid concentrations, the 

proton pumping capacity of the cell is exhausted, resulting in 

depletion of the ATP content, dissipation of the proton motive 

force, and acidification of the cytoplasm. According to the 

intracellular anion accumulation theory, the anionic form of the 

acid is captured inside the cell and the undissociated acid will 

diffuse into the cell until equilibrium is reached. This is supported 

by the fact that formic acid is more toxic than levulinic acid which, 

in turn, is more detrimental than acetic acid. 

Despite their toxicity, and according to what said before about the 

flux to the ATP production, low concentrations of weak acids (<100 

mmol L-1) have been shown to exert a stimulating effect on the 

ethanol production at pH 5.5 by S. cerevisiae [170]. 
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II. Origin and nature: 5-hydroxymethyl furfural (HMF) and 2-

furaldehyde (furfural), are formed as dehydration products of 

hexoses and pentoses sugars, respectively. The level of furans 

varies according to the type of raw material and the pretreatment 

procedure. Furfural is usually found at lower levels than HMF. 

However, it is often enough (around 1 g L−1) to be inhibitory [166]. 

Effects and mechanisms: These compounds have been shown to 

inhibit cell growth, decrease ethanol productivity, induce DNA 

damage and inhibit several enzymes in glycolysis, thus posing a 

serious challenge for the feasibility of lignocellulosic ethanol 

production [171]. 

Several mechanisms may explain the inhibition effects of ethanol 

fermentation by furans. In vitro measurements showed that 

furfural and HMF directly inhibited alcohol dehydrogenase (ADH), 

pyruvate dehydrogenase (PDH) and aldehyde dehydrogenase 

(ALDH). 

S. cerevisiae has been shown to be capable of converting HMF and 

furfural to less inhibitory compounds, as long as the concentrations 

are below lethal levels. Under anaerobic conditions, HMF and 

furfural are mainly converted to their corresponding alcohols, furan 

dimethanol and furfuryl alcohol, respectively, while during fully 

respiratory metabolism, furfural is converted to furoic acid [172]. 

HMF has been reported to be converted at a lower rate than 

furfural, which might be due to lower membrane permeability, and 
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cause a longer lag-phase in growth. The proposed mechanism for 

the intracellular conversion of HMF and furfural has been 

hypothesized to be NAD(P)H-dependent reduction and NAD(P)+-

dependent oxidation by oxidoreductases under anaerobic 

conditions and fully respiratory metabolism, respectively [173]. 

 

 

 

 

 

Figure 6. Schematic view of known inhibition mechanisms of furans, weak acids and phenolic 

compounds in S. cerevisiae. HMF: inhibition of ADH (alcohol dehydrogenase), (PDH) pyruvate 

dehydrogenase and ALDH (aldehyde dehydrogenase), inhibition of glycolysis (either enzyme 

and/or cofactors). Furfural: same as HMF, plus cell membrane damages. Weak acids: ATP 

depletion, toxic anion accumulation and inhibition of aromatic amino acids uptake. Phenolic 

compounds: uncoupling, generation of reactive oxygen species and membrane damage 

[166]. 
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III. Origin and nature: A wide range of phenolic compounds are 

generated due to lignin breakdown and also carbohydrate 

degradation during acid hydrolysis. The amount and type of 

phenolic compounds depend on the biomass source, since lignin in 

different raw materials has different degrees of methoxylation, 

internal bonding and association with hemicellulose and cellulose in 

the plant cell wall. 

Effects and mechanisms: Phenolic compounds have been suggested 

to exert a considerable inhibitory effect in the fermentation of 

lignocellulosic hydrolysates and low molecular-weight phenolic 

compounds are more inhibitory to S. cerevisiae than the equivalent 

high molecular-weight [167]. However, the mechanism of inhibition 

has not been elucidated, largely due to a lack of accurate 

qualitative and quantitative analyses. Phenolic compounds may act 

on biological membranes, causing loss of integrity, thereby 

affecting their ability to serve as selective barriers and enzyme 

matrices. Weakly acidic phenolic compounds may destroy the 

electrochemical gradient by transporting the protons back across 

the mitochondrial membranes. 

The understanding of the inhibitory mechanisms of individual compounds 

and their interaction effects, as well as the influence of environmental 

parameters such as pH, have increased considerably in recent years and, 

hopefully, they will allow the development of efficient lignocellulose-based 

production processes. 
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Table 3. Common inhibitory compounds present in lignocellulosic hydrolysates from spruce, 

willow, wheat straw, sugar cane bagasse and cornstover [166]. 

 

 

 

Biomass source and pretreatment employed: 

a
 upper values; two-step dilute acid spruce (Picia abies) 

b
 lower values, one-step dilute acid spruce 

c 
dilute acid willow (Salix caprea) 

d
 wet oxidation wheat straw (Triticum aestivum L.) 

e
 steam pretreatment sugar cane bagasse 

f
 steam pretreatment corn stover 

n.q. not quantified; n.i. not identified. 
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1.5. IMPROVING YEAST STRINS 

Both traditional and novel yeast-based industries can benefit from using 

superior yeasts that yield increased production efficiency and/or product 

quality. 

 

 

 

 

 

Figure 7. The ‘forward’ (rational) metabolic engineering and ‘reverse’ (inverse) metabolic 

engineering cycles and their interaction [174]. 

 

As previously discussed, demands for increased productivity, wider 

substrate range utilization and production of non-conventional compounds 

in industry, lead to a great interest in further improving the currently used 

industrial strains and the development of strains with novel properties. 
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Two main strategies (Figure 7) are commonly used for improving yeasts: I) 

rational metabolic engineering approaches and II) non-targeted 

approaches. 

In the first case, also known as “forward metabolic engineering” (as 

opposite to “inverse metabolic engineering”), a deep understanding of the 

pathways and mechanisms behind the phenotype of interest is required 

[174]. 

The non-targeted strategies, on the other hand, have usually been used 

when the background information about the biochemistry or genetics of 

the relevant phenotype has been limited, or when the desired phenotype 

involves interactions between multiple metabolic pathways and regulatory 

elements [175]. 

In the next paragraphs (1.5.1. and 1.5.2.) these two strategies will be briefly 

presented. In particular, concerning non-targeted approaches the attention 

will be focused on evolutionary engineering. 

 

1.5.1. Rational metabolic engineering 

Metabolic engineering is the technological discipline that allows the 

introduction of specific modification to metabolic pathways to improve 

cellular properties through the manipulation of enzymatic, transport, and 

regulatory functions of the cell by using recombinant DNA technology [176, 

177]. 

Genomic sequencing efforts have expanded the initial focus from local 

metabolic pathways to global gene targets, such as competing pathways, 
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redox balancing and regulatory elements that might not be obvious to be 

considered. By making changes at these higher regulatory levels, the overall 

cellular setting can be reprogrammed to give the desired phenotype. 

Strains can also be metabolically engineered to produce not-native 

products through the heterologous expression of biosynthetic pathways 

deriving from a different organism. Metabolic engineering has been 

successfully employed for the production of natural and unnatural products 

in several organisms. 

In modern industrial biotechnology, yeast metabolic engineering played a 

key role in large-scale processes for production of several compounds: 

second generation ethanol (BP/Verenium, DSM/Poet, Dupont/Danisco, 

Mascoma and others), succinic acid (DSM/Roquette and Bio-Amber/Cargill), 

butanols (Butamaxand Gevo), and isoprenoid-derived chemicals (Amyris, 

Firmenich and others) [178], among others. 

However, as reported in Cakar and coworkers [175], application of rational 

metabolic engineering present different problems: I) requirement of 

extensive biochemical and genetic information on the metabolism or 

metabolic pathway(s) of interest, regulatory factors, enzymes involved and 

their kinetics, flux-limiting steps, etc.; II) complexity of cellular physiological 

responses; and III) difficulties of cloning in industrial strains. 

Thus, the engineering of strains by metabolic engineering approach is 

usually confined to well-characterized hosts, such as E. coli, S. cerevisiae 

and Bacillus subtilis [179]. 
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Despite these negative aspects, metabolic engineering stands to gain 

significantly from advances in complementary biological fields. Omics 

technologies and computational systems biology will provide large amounts 

of data about a cellular state, whereas protein engineering and synthetic 

biology will provide toolsets for new ways to manipulate a cell to improve 

the cellular properties [178]. 

 

1.5.2. Non-targeted approaches: Evolutionary engineering 

To overcome limitations of ‘rational’ metabolic engineering, a ‘bottom-up’ 

approach called ‘inverse metabolic engineering’ was defined by Bailey and 

coworkers [180] as an alternative strategy. In particular, continuous 

evolution procedures based on the application of a selection procedure to 

obtain a desired phenotype are generally called ‘evolutionary engineering’ 

[181]. 

Evolutionary engineering, also referred to as direct evolution, or adaptive 

laboratory evolution (ALE) is performed by applying a selection pressure for 

the desired phenotype. 

Mutagenesis is often performed at the start of the evolutionary process to 

increase the genomic diversity of the population. Moreover, rational 

metabolic engineering has also been performed before the evolutionary 

engineering approach, as example to broaden the substrate range of S. 

cerevisiae to include xylose and arabinose [157, 182]. 

Evolutionary engineering involves systematic approaches: I) repeated batch 

cultivations can be performed in the presence of a selective pressure, or 
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alternatively, II) prolonged chemostat cultivations can be performed under 

selective conditions. 

I. In repeated batch cultivations cells are allowed to pass through 

lag and exponential growth phases before a small fraction of 

the culture is transferred into fresh medium. After which the 

procedure is repeated until the desired phenotype is obtained. 

Over time the selection pressure (e.g. concentration of 

inhibitors) is increased to select the desired phenotype. 

Repetitive progress through the growth stages has been 

reported to result in a selection favoring certain characteristics  

such as a shorter lag phase and an increased specific growth 

rate at non-limiting substrate concentrations [181]. 

Evolutionary engineering by repetitive batch cultivation has 

successfully been performed to improve the robustness of S. 

cerevisiae to hydrolysates as well as specific inhibitors such as 

furfural and HMF [183-185]. 

II. In chemostat cultivations cells are cultivated in the presence of 

(for example) inhibitory compounds for extended periods. The 

advantages of chemostat cultivations are constant growth rates 

and population densities. Furthermore, it is possible to control 

nutrient supply and environmental conditions such as pH and 

oxygenation. A major drawback is instead the costs of 

operation. In continuous cultures, the growth rate is kept 

constant (or in certain experimental setups continuously 
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increasing) by the limitation of a major growth nutrient, such as 

glucose, nitrogen or phosphate. The nutrient limitation results 

in a selection pressure for phenotypes with an increased 

affinity for the limited substrate and consequently a higher 

specific growth rate at suboptimal concentrations of the 

limiting nutrient [186, 187]. Evolutionary engineering in 

chemostat cultivations has been performed to improve the 

robustness of S. cerevisiae to both pretreated sugar cane 

bagasse and spruce hydrolysate [188]. 

Typical ALE experiments are performed for somewhat between 100 and 

2000 generations and usually take a few weeks up to a few months. In 

Dragosits and coworkers [189] was estimated that within 100 to 500 

generations (corresponding to up to 2 months of selection for a typical E. 

coli or S. cerevisiae culture), a fitness increase of up to 50 - 100 % can be 

achieved. 

During ALE, several phenotypes will occur at first and compete for 

‘dominance’ in the total population. Stable phenotypes will accumulate 

rapidly, although clonal interference [190], bet hedging [191, 192], genetic 

hitchhiking [193] and fluctuating growth environments can lead to 

significant population heterogeneity [189, 194]. Thus, it cannot be assumed 

that a homogenous population is present during any point of a laboratory 

evolution experiment. It should also be noted that selection for improved 

fitness in a specialized environment often leads to significant tradeoffs in 

other stressful or selective conditions [175]. 
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The stability of the evolved strains should be properly addressed by sub-

cultivating the improved clones in non-inhibitory medium and thereafter 

reassessing the superiority of the phenotypes. Once the superior 

phenotype has been confirmed the next step is the elucidation at molecular 

level of the factor(s) responsible for the improved phenotype. 

Successful evolutionary engineering examples exist with a variety of 

industrially important microorganisms, such as Escherichia coli [195], 

Acetobacter aceti [196], Bacillus subtilis [197], Actinobacillus succinogenes 

[198] and Mannheimia succiniciproducens [199]. However, it is important to 

note that improving industrial yeast strains by evolutionary engineering 

may be more difficult than improving laboratory strains. The main reason is 

that industrial yeast strains are usually polyploid and are consequently less 

likely to accumulate relevant recessive mutations by laboratory evolution. 

Evolutionary engineering simply mimics the nature by random mutation of 

the microorganisms own genes. Thus, S. cerevisiae and other 

microorganisms to be used in food and beverage industry will not be 

considered as GMOs, when improved by evolutionary engineering, and will 

most likely have higher public acceptance as also mentioned previously 

[200, 201]. 

To conclude, evolutionary engineering is a powerful approach with 

widespread use in improving industrially important and genetically complex 

properties of S. cerevisiae and other microorganisms. It is expected that 

emerging high-throughput technologies will change evolutionary 

engineering experiments by decreasing their costs and increasing their 
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precision and allowing high-throughput continuous and batch processing of 

multiple samples. 

 

 

1.6. ETHANOL AS TRANSPORTATION FUEL 

There are a number of different biofuels on the market and under 

development, e.g. biogas, biodiesel, biohydrogen and biobutanol [202]. 

However, the predominant one is without doubt ethanol. 

Already back in 18th century ethanol was used as a fuel in combustion 

engines. In 1908, Ford Model T (known as T-Ford) was demonstrated to run 

on either gasoline or pure alcohol. However, by then, interest in using 

ethanol as a fuel was declined due to the available large quantities of low 

cost gasoline. 

Nowadays, in many countries ethanol is blended with gasoline in various 

amounts for the use in flexible fuel vehicles [203]. 

Countries in different parts of the world have set high goals for utilization of 

biofuels. For example, the European Union (EU) has establish that by 2020, 

10 % of the fuel used for transportation should be biofuels. The US 

Department of Energy Office also have a scenario that by 2030, 30 % of the 

gasoline demand should be replaced by biofuels [204]. 

Most of the world’s ethanol (>90 %) is currently being produced from 

sugary or starchy feedstocks, sources often called as the “first generation” 

bioethanol raw materials (Figure 8) [205]. 

 



                                                                             INTRODUCTION 

53 

 

 

 

 

 

Figure 8. Trend in ethanol production [206]. 

 

In 2013, world's top fuel ethanol producers were United States with 13.3 

billion gallons (bg) and Brazil with 6.3 bg, together accounting for 84 % of 

world production [207]. Major feedstocks used in US and in Brazil are corn 

and sugar cane, respectively. The advantages of first generation bioethanol 

is that the feedstocks has a high sugar content, conversion processes are 

fairly simple, and the technology is well established. Most of the Life Cycle 

Assessment (LCA) studies have shown a net reduction in GHG emissions 

when bioethanol is used to replace gasoline [208-210]. 

However, the potential of first generation bioethanol as fossil fuels 

substitute is limited by different factors: I) competition for land and water 
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used with food and fiber production [211, 212]; II) high production and 

processing costs that often require government subsidies in order to 

compete with petroleum products [213] and III) widely varying assessments 

of the net greenhouse gas (GHG) reductions once land-use change is taken 

into account [214].  

Even though crops grown for biomass feedstocks take up less than 2 % of 

world’s arable land, many authorities agree that selected first generation 

biofuels have contributed to past increases in world commodity prices for 

food and animal feeds, at least in part [215]. 

 

 

 

 

 

Figure 9. Schematic representation of the first- vs second-ethanol production process. 
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The cumulative impacts of these various concerns have stimulated the 

interest in developing “second generation” bioethanol produced from non-

edible and possibly waste biomasses (Figure 9). When commercialized, the 

cost of second generation bioethanol has the potential to be more 

comparable with standard fossil fuels and would be a cost effective route to 

renewable, low carbon energy for road transport [216]. 

At present, the production of such fuel is still not cost effective because 

there are a number of technical barriers that need to be overcome before 

their potential can be realized. In particular, bioconversion of lignocellulose 

to bio-ethanol is difficult due to: I) the resistant nature of biomass to 

breakdown, II) the variety of sugars which are released when the 

hemicellulose and cellulose polymers are broken and the need to find or 

genetically engineer organisms to efficiently co-ferment these sugars, and 

III) costs for harvest and storage of low density lignocellulosic feedstocks. 

 

1.6.1. From raw materials to ethanol: a schematic overview  

By definition, second-generation bioethanol refers to ethanol produced by 

biological fermentation of residual biomass [217, 218]. Although the nature 

of lignocellulosic raw materials vary considerably, certain process steps are 

common regardless of the type and source of feedstock: 

 Collection: harvesting and storage of the lignocellulosic 

feedstocks; 

 Milling/Chipping: these procedures can be used to reduce the 

particle size. Common lignocellulosic material can be reduced 
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to 10-30 mm by chipping and 0.2-2 mm by grinding or milling 

methods; 

 Pre-treatment: process where the structural carbohydrates that 

compose the biomass are made more accessible for the 

subsequent steps (for details see paragraph 1.2.1.1.); 

 Hydrolysis: breakdown of the polymeric carbohydrates into 

simple sugars that can be fermented by the microorganisms 

into ethanol (for details see paragraph 1.2.1.2.); 

 Fermentation: conversion of the carbohydrates into ethanol by 

the selected microorganism or culture (for details see 

paragraph 1.6.2.); 

 Downstream processing: recovery of the ethanol from the 

fermentation broth (typically by distillation) and management 

of the remaining streams. 

All these steps contribute to the cost of the final product, making important 

to reduce the energy input in each step [219]. 

 

1.6.2. Fermentation 

Fermentation is the key step in bioethanol production, in which the sugars 

obtained from the raw material are converted to ethanol by 

microorganisms. There are a number of different microorganisms able to 

produce ethanol as a by-product when they utilize sugars for growth. 

Examples can be found among both bacteria and fungi, like Escherichia coli, 

Zymomonas mobilis, Kluyveromyces marxianus and Pichia stipitis, among 
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others [220]. However, there are issues with these microorganisms, such as 

low ethanol productivity or low ethanol tolerance. To date, S. cerevisiae is 

preferred due to its long history of utilization for both ethanol production 

and baking, and the fact that it has GRAS status (for details see paragraph 

1.3.1.). This yeast is a facultative aerobe which means that it can sustain 

growth in both the presence and absence of oxygen, although ergosterol 

and unsaturated fatty acids are needed to maintain growth under strict 

anaerobic conditions [221]. S. cerevisiae is known as a Crabtree-positive 

yeast, which means that it is also able to produce ethanol in the presence of 

oxygen through respire-fermentative metabolism. This phenomenon occurs 

when the glucose concentration is above a critical level (>1 mM) and at high 

glucose consumption rates it produces ethanol even under fully aerobic 

conditions [222]. 

Although glucose is the preferred carbon and energy source, other hexoses 

present in lignocellulosic materials, such as mannose and galactose, can 

also be catabolized by S. cerevisiae. It also possesses many of the traits 

important for production of second generation bioethanol, such as high 

ethanol yields and productivity and relatively high inhibitor tolerance. 

However, S. cerevisiae lacks an active intrinsic pathway for utilization of 

pentose sugar and in particular for xylose, that is the second most abundant 

sugar in lignocellulosic materials. Moreover, despite its natural tolerance to 

inhibitory compounds, concentrations reached during second generation 

ethanol production process are often too severe to ensure adequate 

growth of the yeast. 
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In yeast, during glycolysis 1 mol of glucose is converted to 2 mol of pyruvate 

with the concomitant production of 2 mol of ATP and 2 mol of NADH. If 

molecular oxygen is present as terminal electro acceptor (i.e. under aerobic 

conditions) the pyruvate and NADH formed in glycolysis can be further 

oxidized to CO2 and H2O in mitochondria in the TCA cycle and respiration 

chain, with the concomitant production of ATP by oxidative 

phosphorylation. Instead, under anaerobic conditions yeast ferment 

pyruvate to ethanol via acetaldehyde in a two-step process catalyzed by 

pyruvate decarboxylase and alcohol dehydrogenase, respectively. Ethanol 

production regenerate NAD+ from NADH, which makes the entire pathway 

from glucose to ethanol redox neutral. This process lead to the production 

of 2 mol of ATP per mol of glucose (i.e. eight times less than respiration). 

Theoretically, 2 moles of ethanol can be obtained by fermenting 1 mole of 

hexose (Eq. 1). The yield from 1 mole of pentose is lower (Eq. 2). 

 

C6H12O6    2 C2H5OH + 2 CO2     Eq. 1 

C5H10O5    1.67 C2H5OH + 1.67 CO2    Eq. 2 

 

However, part of the sugars is used for growth and biomass production, and 

therefore the experimentally obtained yields can never correspond to the 

theoretical ones. Furthermore, depending on the metabolic pathway that 

the microorganism uses, other metabolites can be produced alongside 

ethanol, therefore decreasing the final yield. 
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1.6.3. Process configuration for lignocellulosic bioethanol 

production 

The majority of the work reported in literature relies on straightforward 

sequential application of the production process involving pre-treatment of 

the biomass, hydrolysis, fermentation and product recovery. Simultaneous 

occurrences or a combination of these steps could hugely impact on the 

economics of bioethanol production from yeast. 

 

 

 

 

 

Figure 10. Schematic representation of an ethanol production process starting from 

lignocellulosic biomass. The different possible strategies are here reported using different 

dotted boxes. 
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Different process approaches can play an important role in the reduction of 

ethanol production costs (Figure 10), those so far identified includes: I) 

Simultaneous Saccharification and Fermentation (SSF) II) Separate 

Hydrolysis and Fermentation (SHF), II) Simultaneous Saccharification and 

Co-Fermentation (SSCF), IV) Separate Hydrolysis and Co-Fermentation 

(SHCF) and V) Consolidated Bioprocessing (CBP). Every process 

configuration has its advantages and drawbacks (Table 4). 

I. Over the past decade SSF has become the preferred process, 

since end-product inhibition of the enzymes can be avoided by 

performing fermentation in the same vessel at the same time 

as hydrolysis [223]. Therefore, compared to SHF, the 

requirement for enzyme is lower and the bioethanol yield is 

higher in SSF. Furthermore, the higher bioethanol 

concentration in SSF production also reduces foreign 

contamination [224]. The capital investment cost of the plant is 

also reduced as fewer tanks are required. However, a 

disadvantage of SSF is that the operating temperature must be 

a compromise between the optimal temperatures for 

hydrolysis and fermentation. 

II. In SHF, the enzymatic hydrolysis is performed separately from 

the fermentation step. Since hydrolysis and fermentation occur 

in separate vessels, each step can be performed at optimum 

conditions [225]. More specifically, it enables enzymes to 

operate at optimum activities to produce more substrates for 
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yeast fermentation. Furthermore, the yeast produced during 

the SHF process can be recycled after fermentation of the 

hydrolysate, which is not possible in SSF [226]. However, the 

accumulation of hydrolysis products leads to one of the 

drawbacks of SHF: glucose and cellobiose inhibit the activities 

of the cellulases so the rate of hydrolysis is progressively 

reduced [227]. Moreover, the operating costs are higher due to 

the need to use separate vessels. 

III. SSCF can be considered as an improvement of SSF. In fact, 

microorganisms usually applied for bioethanol production 

cannot utilize all the sugar sources derived from hydrolysis. For 

example, the wild-type strain of S. cerevisiae is unable to use 

pentose, and this represents a waste of biomass and reduces 

the bioethanol yield. To overcome this problem, recombinant 

yeast or cellulosic enzyme cocktails are introduced during 

fermentation to convert a wide range of both hexoses and 

pentoses. The hydrolysis and fermentation steps are combined 

in one vessel for SSCF; hence it has the same characteristics as 

SSF, such as low cost, short process time, reduced 

contamination risk and less inhibitory effects [228]. 

IV. SHCF combines the advantages of SHF and SSCF. The hydrolysis 

and fermentation processes in SHCF take place in separate 

vessels so that each step can be performed at its optimal 

conditions. Besides, since in SHCF the microbes utilize both 
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pentoses and hexoses effectively in the co-fermentation 

process, the bioethanol yield is higher than SHF. However, 

there is, to date, only few literatures on SHCF operations. 

 

Table 4. Comparison of the different fermentation process configurations. 

 

 

 

V. CBP simultaneously combines biomass hydrolysis, utilization of 

liberated sugars and fermentation in one bioreactor [229]. 

Theoretically, CBP is energy efficient because of the reduction 

of process steps and is overall more cost effective than SSCF 

[230]. However, the crucial problem is to develop an organism 

that singularly combine all the features during the process. 

Among all the CBP potential microbes, thermophilic bacteria, 
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such as Clostridium thermocellum, are believed feasible as they 

possess cellulolytic and ethanologenic characteristics under 

high temperature conditions [231]. 

 

 

1.7. BIODIESEL 

Biodiesel is a biodegradable, non-toxic, almost sulfurless and non-aromatic 

environmentally friendly alternative to diesel fuel [232]. It is defined as the 

fatty acid alkyl monoesters derived from renewable feedstocks, such as 

vegetable oils and animal fats. 

Biodiesel has a high cetane number, good lubricity properties, an energy 

content comparable to conventional mineral diesel fuels, and is easily 

mixed with its conventional counterpart. The molecular weights of the 

methyl esters are similar to diesel fuels, making their transport properties 

and melting points superior to the fats and oils from which they were 

derived. Technically, biodiesel can be considered a good quality component 

for mixing into diesel fuel, usually at concentrations up to 20 %, provided it 

is produced to adequate quality specifications. 

The global biodiesel industry has grown significantly over the past decade. 

The EU has arguably been the global leader in biodiesel production [233] 

and the global biodiesel market is estimated to reach 37 billion gallons by 

2016. 
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Currently, the end cost of the biodiesel mainly depends on the price of 

feedstock. The high cost of the food-grade oils causes to increase the cost 

of biodiesel and prevents its usage. 

To become an economically viable alternative fuel and to survive in the 

market, biodiesel must compete economically with diesel fuel. 

 

1.7.1. Chemistry of Biodiesel 

There are four chemical processes used to solve the high viscosity problem 

of triglycerides: dilution, microemulsification, pyrolysis (thermal cracking), 

and transesterification [234]. Among these four, the commonly preferred 

process is transesterification. 

In the transesterification reaction, a catalyst is used to enhance the reaction 

rate and improve the fuel’s features. Among the catalysts used for 

transesterification, alkaline catalysts (NaOH, KOH, NaOCH3, etc.) are most 

commonly preferred when compared to acid (H2SO4, HCl, etc.) and lipase 

(biologic) catalysts since they are faster, and lower catalyst amount is 

sufficient to carry out the reaction [232]. The alcohol used for 

transesterification is usually methanol. 

The general scheme of the transesterification reaction is presented in 

Figure 11. 
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Figure 11. Transesterification reaction. 

 

In principle, transesterification is a reversible reaction, although in the 

production of biodiesel the back reaction does not occur or is negligible 

because the glycerol formed is not miscible with the product, leading to a 

two-phase system. Nevertheless, an excess of alcohol is usually employed 

to force the reaction towards the products side. The stoichiometry of 

reaction is a 3:1 molar ratio of alcohol to oil, to produce 3 mol of biodiesel 

and 1 mol of glycerol. Though, in practice it is usually increased from 6:1 to 

1000:1 to favor the formation of products and increase its performance. 

The main constituents of oils and fats are triglycerides, representing about 

90 – 98 % of total mass. Triglycerides are composed of three fatty acids (R–

COOH) and one glycerol [C3H5(OH)3]. 

As shown in Table 5 fatty acids vary in their carbon chain length and in the 

number of double bonds (unsaturation level). 
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Table 5. The chemical structure of commons fatty acids. 

 

 

 

The physical and chemical fuel properties of biodiesel basically depend on 

the fatty acids distribution of the triglyceride used in the production. 

The quality of biodiesel can be influenced by a number of factors: the 

quality of the feedstock, the fatty acid composition of the vegetable oil or 

animal fat, the production process and the other materials used in this 

process, the post-production parameters and the handling and storage. 

The European standard EN 14214, adopted by all 31 member states of the 

European Committee for Standardization (CEN), regulate biodiesel 

proprieties in terms of: ester content, density, viscosity, flash point, sulfur 

content, carbon residue, cetane number, sulfated ash, water content, total 

contamination, copper strip corrosion, oxidation stability, etc. 

Quality standards for biodiesel are continuously updated, due to the 

evolution of compression ignition engines, ever stricter emission standards 
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and re-evaluation of the eligibility of feedstocks used for the production of 

biodiesel. 

 

1.7.2. Lipids from yeast 

An emerging potential alternative for biodiesel production is represented 

by microbial lipids, also referred as single-cell oils (SCOs), which could lead 

to a green and sustainable biodiesel production process, with no 

competition with the food supply chain [235]. 

Microbial oil show similar chemical composition and energy value to plant 

and animal oils [236]. A number of microorganisms belonging to the genera 

of algae, bacteria, yeast and fungi have the ability to accumulate lipids 

under specific cultivation conditions [237]. Among them, the utilization of 

oleaginous yeast is advantageous due to fast growth rate and high oil 

content compared to algae [233]. 

Oleaginous yeasts are typically found, but not exclusively, in genera such as 

Candida, Cryptococcus, Rhodotorula, Rhizopus, Trichosporon, Lipomyces, 

and Yarrowia [238]. 

Under conditions of nutrient limitation, these yeasts may accumulate lipids 

to levels exceeding 70 % of their biomass. They consist of 80 - 90 % 

triacylglycerols (TAG) and a small fraction of steryl esters (SE), collectively 

called neutral lipids. These storage lipids accumulate in a specialized 

compartment of the cell known as the lipid body (LB) that consists of a lipid 

core encased in a phospholipid monolayer within which many proteins with 

diverse functions are embedded [239]. 
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De novo fatty acid synthesis in yeast is carried out by the fatty acid 

synthetase (FAS) enzymatic complex in the cytosol and requires the 

constant supply of acetyl-CoA and malonyl-CoA. The former is the initial 

biosynthetic unit and the latter the elongation unit. The origin of acetyl-

CoA, however, differs in oleaginous and non-oleaginous species. Non-

oleaginous yeasts produce acetyl-CoA from glycolysis of fermentable sugars 

by breaking down pyruvate in the mitochondrion and by the cytosolic 

pyruvate-acetaldehyde-acetate pathway. In oleaginous microorganisms, an 

additional source of acetyl-CoA exists: its precursor is the excess of citrate 

exported from the Krebs cycle out of the mitochondrion, via the 

malate/citrate shuttle. Citrate is then cleaved within the cytosol by ATP 

citrate lyase (ACL), an enzyme present in all oleaginous microorganisms 

studied so far [240]. 

The fatty acids produced by the de novo lipid synthesis or incorporated 

from the medium are then esterified either in the glycerol backbone or in a 

sterol molecule to form TAGs and SE, respectively. The whole process is 

known as the storage lipid pathway, and its end products form the neutral 

lipid fraction of the cell, packed inside the LB. 

It is now well established that cultivation conditions, nitrogen availability, 

temperature, pH, metal traces, and mineral concentrations all influence 

lipid accumulation in oleaginous yeasts [96]. 
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Figure 12. Microbial metabolism of glucose and glycerol to produce single-cell oil [241]. 

 

Cells begin to accumulate lipids when an essential element for cell 

proliferation becomes limiting in the medium and the carbon source is 

present in excess. Once cell proliferation becomes limiting, carbon is 

directly channeled into lipid synthesis with the resulting buildup of neutral 

lipids. Then, in the presence of an excess of carbon source, depletion of any 

essential nutriment can be used for setting on lipid accumulation, like 

nitrogen, magnesium, zinc, iron, or phosphorus. However, nitrogen 

limitation is generally used (often referred to as a high C/N ratio). This is the 

easiest condition to control and it results in the most efficient accumulation 
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induction factors. The reason of this efficiency lies in an additional 

regulation affecting the TCA cycle with the excessive production of the main 

precursor of fatty acid synthesis. 

A typical profile for the accumulation of lipid in an oleaginous 

microorganism is shown in Figure 13. 

 

 

 

 

Figure 13. Idealized representation of the process of lipid accumulation in an oleaginous 

microorganism. The composition of the culture medium is formulated so that the supply of 

nitrogen, which is usually an ammonium salt is growth limiting. After its exhaustion, cells do 

not multiply any further, but they continue to assimilate glucose (the usual carbon 

feedstock). This is then channeled into the synthesis of storage lipid (triacylglycerol) within 

the cells. The extent of lipid accumulation is dependent upon the individual microorganism-

lipid contents may vary between 20 and 70 % of the biomass [242]. 
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In order to fine tune the C/N ratio, there are different culture options such 

as batch, fed-batch, and continuous fermentation modes. Briefly, in batch 

mode all minerals and carbon substrates are initially mixed in the reactor, 

with a high initial C/N ratio to boost lipid accumulation. No further 

monitoring of the C/N ratio is possible in this mode of culture. In the 

continuous mode, the C/N ratio stays constant throughout culture and 

regulation of substrate concentration leads to the fine tuning of growth 

rate: lower growth rates promote more extensive lipid accumulation. 

Finally, fed-batch mode allows a precise control of nutrient and substrate 

flow rates. This ensures efficient and reproducible lipid production. 

Currently, the production of microbial oil is more expensive than that of 

vegetable oils [12]. The cost of feedstock or carbon source required for the 

production of microbial lipids accounts for 60 to 75 % of the total costs of 

the biodiesel. Therefore, it is clear that the production of microbial oil using 

cheap substrates, such as waste streams (e.g. whey, crude glycerol, 

lignocellulosic hydrolysates), is a key parameter in order to develop an 

economically and environmentally viable biodiesel production process 

[108]. 

 

1.7.3. Steps involved in microbial biodiesel recovery 

The separation of individual components from microorganisms offers a 

wider range of opportunities for byproduct utilization [243]. High-value 

metabolites and lipids for biofuels can be extracted to be sequentially or 

independently processed depending on the transformation technology. 
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Different steps are involved in processing microbial extracts: I) harvesting, 

II) drying, III) cell disruption, IV) lipid extraction, and V) transesterification of 

the extracted lipid. 

I. The first step in the production of biofuels from microbial 

extracts requires the transformation of biomass from diluted 

cultures to concentrated pastes which are much more suitable 

for downstream processing. Microbial harvesting can be 

achieved through filtration, flocculation, flotation, 

centrifugation, and sedimentation. 

II. Drying is commonly used to extend shelf life of the final 

product or, depending on the final application, as a pre-

processing step. Depending on the selected microorganism, 

different technologies can be applied for biomass dehydration 

such as sun drying, low-pressure drying, spray drying, drum 

drying, fluidized bed drying, or freeze drying. 

III. Cell disruption is often required for recovering intracellular 

products from microorganisms, such as microalgae and yeast, 

which are protected by extremely tough cell walls. Typical 

laboratory extraction protocols involve unit operations such as 

freeze drying, pulverization, cell homogenization, sonication, 

autoclaving, osmotic shock, or microwaving, but none are good 

candidates for use at industrial scale. Extraction of intracellular 

lipids from yeast also requires breakage of the thick yeast cell 
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wall. This process is commonly achieved by using acids, bases, 

enzymes, or by applying physical and mechanical pressure. 

IV. After cell disruption, the most common way of extracting 

different metabolites is by using solvents. The solvent 

extraction should meet several requirements such as being 

inexpensive, volatile, pure, water-immiscible, and poor 

extractors of unwanted components. Hexane, ethanol, 

chloroform, and diethyl ether are some of the most common 

solvents used. 

For yeast, several specific lipid extraction technologies have 

been proposed in recent years. These involve the use of 

solvents at near-critical or supercritical conditions, or the use of 

pressurized liquids of different solvent mixtures [244, 245]. 

Direct extraction from fermentation broths has also been 

studied by using homogenizers under high pressure, 

microwaves and subsequent enzymatic treatments, and 

solvents [246]. However, only some of these approaches have 

been scaled-up, and their feasibility and cost-effectiveness are 

justified only when value-added specialty lipids or metabolites 

are produced. 

V. The transesterification reaction is a key step in biodiesel 

production and has been extensively described in the previous 

paragraph (1.7.2.). 
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1.8. MICROBIAL PRODUCTION OF ORGANIC ACIDS 

Organic acids are broadly distributed in nature, and humans have used 

them since early ages. Organic acids find their wide application in the food, 

pharmaceutical and chemical industries [247, 248]. 

Nowadays, organic acids constitute a significant portion of the fermentation 

market in the world. Microbial production is an important economic 

alternative to the chemical synthesis for many of them, since chemical 

synthesis often requires very harsh conditions and involves many steps. 

Several organic acids can be produced through fermentations: citric acid, 

lactic acid, fumaric acid, propionic acid, malic acid, α-ketoglutaric acid, 5- 

ketoglutaric acid, 2- ketoglutaric acid, gluconic acid, acetic acid, kojic acid, 

itaconic acid, etc [247, 249]. For some organic acids like citric, lactic, 

gluconic, and itaconic advances in the fermentation technology have helped 

to manufacture organic acid at industrial scale. However, others are not 

currently being produced commercially by fermentation, but have 

significant potential for future manufacture by this route (Table 6). It is 

noteworthy that for many organic acids the actual market is small, but an 

economical production process will create new markets by providing new 

opportunities for the chemical industry [247]. 
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Table 6. Organic acids as high volume products
a
 [247]. 

 

 

n.a., no data are available 

a
These numbers are intended to give the reader an impression of the order of magnitude in 

which relevant acids are on the market. One should be aware that reliable market data are 

not often found in the public domain. 

b
The “-“ indicates that these acids are not microbially produced on an industrial level to our 

knowledge. 

 

The quickest way to establish an industrial process for microbial organic 

acid production is the exploitation of natural producers with thorough bio-

process engineering. The choice of the cell factory influences by-product 

formation and therefore influences costs. Strain robustness inevitably has 

to be considered for a process to be viable at large scale. 

To improve the established processes for organic acid production, the 

access to cheap substrates is crucial. However, the choice of the carbon 
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source cannot be made without thinking about the purification: purification 

costs are higher with less purified substrates and by-products can also 

constitute an important problem. 

As reported in [247] an integrated picture of the production processes is 

currently missing in the academic world and the obstacles for a large-scale 

commercialization should be studied without ignoring the greater context 

of industrial manufacturing. 

To conclude, a large number of organic acids by microbial fermentations 

are already economically viable and with the increase of the market will 

increase also the need for the development of highly efficient 

biotechnological processes. In this context, in the next paragraphs lactic 

acid and itaconic acid will be presented in detail. 

 

1.8.1. Lactic acid 

Lactic acid (2-hydroxy prop ionic acid) is the most widely occurring 

carboxylic acid in nature and was discovered in 1780 by Carl Wilhelm 

Scheele, a Swedish chemist that isolated it in the form of dense brown 

liquid from milk. 

Lactic acid is a three carbon organic acid: one terminal carbon atom is part 

of an acid or carboxyl group, the other terminal carbon atom is part of a 

methyl or hydrocarbon group and a central carbon atom having an alcohol 

carbon group. Lactic acid exists in two optically active isomeric forms. 

It can be manufactured by chemical synthesis or carbohydrate 

fermentation. Though chemical synthesis produces a racemic mixture, 
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stereo specific acid can be made by carbohydrate fermentation depending 

on the strain being used. 

Lactic acid has a long history in the food industry for its application as an 

acidulant, flavoring agent, pH buffering or preservative [250, 251]. It is also 

used as an additive in animal feed, in detergents and in pharmaceutical 

preparations. In contrast to other food acids it has a mild acidic taste. It is 

non-volatile odorless and is classified as GRAS by FDA in the US. In the 

cosmetic field, the lactic acid can be used as a moisturizing agent, anti-acne, 

anti-tartar, and to brighten and rejuvenate the skin [251]. Lactic acid is 

being used in many small scale applications like pH adjustment hardening 

baths for cellophanes used in food packaging, terminating agent for phenol 

formaldehyde resins, alkyd resin modifier, solder flux, lithographic and 

textile printing developers, adhesive formulations, electroplating and 

electro-polishing baths, detergent builders [252]. Furthermore, the 

presence of both carboxylic and hydroxyl groups in the lactic acid molecule 

enables its conversion into different technologically useful chemicals such 

as pyruvic acid, acrylic acid, 1,2-propanediol and lactate ester via chemical 

and biotechnological routes [253-255], making it a primary chemical 

platform. 

However, the most interesting application from an environmental point of 

view, is the production and the application of its derivative polylactic acid 

(PLA), since such biopolymer could replace traditional petrochemical-based 

plastic. PLA is a biodegradable aliphatic polyester industrially obtained from 

renewable resources, such as corn or sugar beets. The monomer, lactic acid 
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(LA), is mainly produced by a bacterial fermentation batch process. In the 

last decades, increasing efforts have been registered both from academia 

and industry towards understanding and deepening the large-scale 

production processes of PLA. Accordingly, a large fraction of the degradable 

polymer market from renewable resources is nowadays covered by this 

type of material. Moreover, due to its biodegradability and 

biocompatibility, PLA has been approved by the regulatory agencies of 

many countries for medical applications such as suture threads, implantable 

scaffolds, bone fixation devices, and micro- and nano-capsules [256]. 

 

 

 

 

 

Figure 14. Global PLA market by application, 2012 - 2020, (Kilo Tons) [257]. 
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Currently, It is possible to produce various lactate-containing polyesters by 

one-step fermentation of recombinant microorganisms equipped with the 

engineered PLA biosynthesis system [258]. The new challenge is to 

maximize the production of lactate-containing polymers in a cost-effective 

manner. 

 

1.8.2. Itaconic acid 

Itaconic acid is a naturally occurring unsaturated 5-C dicarboxylic acid which 

is also known as methylenesuccinic acid or methylenebutanedioic acid. 

Since the 1960s the production of itaconic acid is achieved by the 

fermentation with Aspergillus terreus on sugar containing media [259]. 

Besides A. terreus, itaconic acid is known to be produced also by other fungi 

like Ustilago zeae, Ustilago maydis, Candida sp., and Rhodotorula sp. [259-

261]. 

Currently, A. terreus is still the dominant production host, because so far 

only bred strains of this species can reach levels of up to 80 - 86 g L-1 [262, 

263]. Although this is already a substantial amount, it cannot be compared 

with the production of citric acid where titers over 200 g L-1 are steadily 

obtained in industrial processes. Transferred to the itaconic acid production 

a maximal theoretical titer of about 240 g L-1 should be achievable [264]. 

Several attempts have been made to find microorganisms with improved 

characteristics including greater yields, higher tolerance to shear stress, 

and/or tolerance to higher end product concentration. 
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The pathway for the biosynthesis of itaconic acid was firstly proposed in 

1957 [265] and subsequently confirmed by tracer experiments with 14C and 

13C labeled substrates. Starting from a sugar substrate like glucose, the 

carbon molecules are processed via glycolysis to pyruvate. Then the 

pathway is split and part of the carbon is metabolized to acetyl-CoA, 

releasing a carbon dioxide molecule. The other part is converted to 

oxaloacetate so that the previously released carbon dioxide molecule is 

again incorporated. In the first steps of the citric acid cycle, citrate and cis-

aconitate are formed. In the last step, the only itaconic acid pathway 

dedicated step, cis-aconitate decarboxylase (CadA) forms itaconic acid 

releasing carbon dioxide. 

The formation of carboxylic acids, like citric and itaconic acid, involves the 

shuttling of intermediate metabolites between different intracellular 

compartments and utilizes the different enzymatic capabilities of the 

respective compartment. 

The key enzyme of the pathway, CadA, is not located in the mitochondria 

but in the cytosol, whereas the enzymes preceding in the pathway, namely 

citrate synthase and aconitase, are found in the mitochondria. The 

proposed mechanism is that cis-aconitate is transported via the malate-

citrate antiporter into the cytosol [266]. However, so far it was not shown 

whether cis-aconitate makes use of the mitochondrial malate-citrate 

antiporter or uses another mitochondrial carrier protein to be translocated 

to the cytosol [267]. Itaconic acid is valuable as a monomer because of its 

unique chemical properties, which derive primarily from its methylene 
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group and its possession of two carboxylic acid groups. Itaconic acid is able 

to take part in addition polymerization, giving polymers with many free 

carboxyl groups that confer advantageous properties on the polymer. It can 

either be self-polymerised or can act as a co-monomer with other 

monomers to form heteropolymers. 

In the future it can function as a substitute for acrylic and methacrylic acid 

used for the production of plastics [262]. However, the current market price 

of itaconic acid, estimated of $ 2 per kg, is still too high for these 

applications. The identification of novel host able to grow on renewable 

waste raw materials (e.g. whey, crude glycerol, lignocellulosic biomass), 

having zero or even negative costs, could make itaconic acid production 

economically competitive. 

Recently, Candida lignohabitans, was proposed as a novel microbial cell 

factory for itaconic acid production [137] and experiments are currently 

ongoing to increase itaconic acid production and productivity. 
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- In a paved road it’s comfortable to walk, but no flowers grow - 
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Biorefineries can provide a significant contribution to sustainable 

development, generating added value from renewable biomasses use and 

producing a range of biobased products, biofuels and energy. 

Despite the great relevance of biorefineries, there are still numerous 

technical challenges that need to be overcome before any large-scale 

commercialization can succeed. 

 

 

 

 

 

Figure 15. The biorefinery road map. 

 

For approaching to the ideal biorefinery road map (Figure 15), it is possible 

to identify the main bottlenecks and relevant aspects for the 

implementation of processes: I) valorisation of cheap raw materials, II) 

engineering the cell factories to achieve high production and productivity of 
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the compound of interest as well as to improve stress resistance and III/IV) 

improvement of the production process and of the downstream phase(s) to 

maximize yields and minimize costs. 

 

In respect to the first point (I), different renewable raw material were 

discussed in this thesis (Chapter 1, 3 ,4 and 6). In particular, in Chapter 3 

crude glycerol was used as sole carbon and energy source for lipids 

accumulation from oleaginous yeasts. Instead, in Chapter 1 an industrial 

and engineered S. cerevisiae strain was used for bioethanol production 

from 100 % undetoxified lignocellulosic hydrolysate. All these represent 

cheap substrates whose valorisation would contribute to the development 

of economically feasible production process. 

The developments of strains with higher productivities and/or more 

tolerance to inhibitory compounds was another major goal (II). In this 

study, both rational metabolic engineering approaches and non-targeted 

approaches were applied. In particular, in Chapter 1 overexpression of the 

transcription factor YAP1 and the mitochondrial reductase MCR1 in the 

already robust strain GSE16 resulted in an even faster hexose catabolism in 

the presence of spruce hydrolysate-derived inhibitors. Instead, in Chapter 4 

an adaptive laboratory evolution approach resulted in a L. starkeyi strain 

with improved tolerance towards lignocellulose-derived inhibitors. 

In Chapter 2 and 5 the promising cell factories Z. bailii and K. marxianus 

were investigated for some of the traits that render them particularly 

attractive for industrial applications. From these studies a deep 
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understanding of the pathways and mechanisms behind the phenotype of 

interest was gained. 

Together with the development of improved cell factories the development 

of efficient and robust production process is a primary requirement (III). In 

Chapter 3 an efficient and robust feeding strategy for avoiding the lag 

phase caused by growth on crude glycerol was developed. Moreover, in 

Chapter 6 C. lignohabitans chemostat cultivations were used as source of 

data to write a program script for the control of the oxygen supply during 

batch fermentations. 

The downstream step (IV) was not directly addressed during this thesis. 

However, it was always taken into consideration, given its relevance in 

determining the economic feasibility of the process. 

Overall, the present study investigated the main aspects of a biorefinery 

and offered some examples of how these technical challenges could be 

overcome. 

 

However, we have to remember that the overcome of technical challenges 

will not be sufficient to ensure a bright future to biorefineries. Various 

measures have to be undertaken to induce a significant impact of bio-based 

production, such as: I) creation of new markets for businesses to support 

bio-based products and encourage competition; II) creation of public-

private partnerships, III) public engagement and communication initiatives 

to explain how bio-based products could become a realistic supplement to 

fossil-based products. 
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It is probable that economy will continue to rely of fossil-based production 

for the time being, but biorefineries may (and should) have a major role to 

play in supplementing our growing demand for sustainability. 
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Abstract  

 

Background  

Microbial lipids can represent a valuable alternative feedstock for biodiesel production in the context of 

a viable bio-based economy. This production can be driven by cultivating some oleaginous microorganisms on 

crude-glycerol, a 10% (w/w) by-product produced during the transesterification process from oils into biodiesel. 

Despite attractive, the perspective is still economically unsustainable, mainly because impurities in crude glycerol 

can negatively affect microbial performances. In this view, the selection of the best cell factory, together with the 

development of a robust and effective production process are primary requirements. 

 

Results 

The present work compared crude versus pure glycerol as carbon sources for lipid production by three 

different oleaginous yeasts: Rhodosporidium toruloides (DSM 4444), Lipomyces starkeyi (DSM 70295) and 

Cryptococcus curvatus (DSM 70022).  

An efficient yet simple feeding strategy for avoiding the lag phase caused by growth on crude glycerol was 

developed, leading to high biomass and lipid production for all the tested yeasts. Flow-cytometry and Fourier 

Transform Infrared (FTIR) microspectroscopy, supported by Principal Component Analysis (PCA), were used as 

non-invasive and quick techniques to monitor, compare and analyze the lipid production over time. Gas 

chromatography (GC) analysis completed the quali-quantitative description. 

Under these operative conditions, the highest lipid content (up to 60.9 % wt/wt) was measured in R. toruloides, 

while L. starkey showed the fastest glycerol consumption rate (1.05 g L-1h-1). Being productivity the most 

industrially relevant feature to be pursued, under the presented optimized conditions R. toruloides showed the best 

lipid productivity (0.13 and 0.15 g L-1 h-1 on pure and crude glycerol, respectively). 

 

Conclusions 

Here we demonstrated that the development of an efficient feeding strategy is sufficient in preventing 

the inhibitory effect of crude glycerol, and robust enough to ensure high lipid accumulation by three different 

oleaginous yeasts. 

Single cell and in situ analyses allowed depicting and comparing the transition between growth and lipid 

accumulation occurring differently for the three different yeasts. These data provide novel information that can be 

exploited for screening the best cell factory, moving towards a sustainable microbial biodiesel production. 

 

Keywords: Cryptococcus curvatus, Rhodosporidium toruloides, Lipomyces starkeyi, Crude glycerol, Fatty acids 

methyl esters (FAME), Flow-cytometry, Fourier transform infrared (FTIR) microspectroscopy 



BACKGROUND 

 

The progressive depletion of natural oil reserves, 

together with associated environmental concerns 

about greenhouse gas (GHG) emissions, has 

stimulated the development of sustainable process 

for the production of materials, chemicals and fuels 

from renewable resources. 

Biodiesel is a renewable, safe and non-toxic energy 

source and a possible substitute of petroleum-based 

diesel [1, 2]. It is mainly produced through the 

trans-esterification of renewable feedstock, such as 

vegetable oils and animal fats, into fatty acid 

methyl esters (FAMEs). 

However, to become an economically feasible 

alternative, biodiesel must compete in the market 

with petro-diesel fuel, but the actual high costs of 

production represent an obstacle for its 

commercialization. About 70-90 % of the overall 

costs depends on the feedstock price [3, 4]; 

furthermore, traditional oil-rich crops are limited by 

land availability, influenced by the climate and are 

in constant debate due to the food-versus-fuel issue 

[5]. 

An emerging potential alternative for biodiesel 

production is represented by microbial lipids, also 

referred as single-cell oils (SCOs; [6]), which could 

lead to a green and sustainable biodiesel production 

process, with no competition with the food supply 

chain. 

Different oleaginous microorganisms have the 

ability to accumulate triacylglycerols (TAGs) as 

storage metabolites [7], with a fatty acid 

composition similar to that of many plant seed oils 

in terms of chain length and degree of unsaturation 

[8]. 

Among oleaginous microorganisms, yeasts exhibit 

advantages over bacteria, molds and algae, due to 

their higher growth rate, biomass and lipid 

productivities [9, 10]. Moreover, in comparison to 

plants and open-pond grown algae, yeasts can be 

easily grown in bioreactors (therefore not affected 

by season nor by climate), and the process has an 

easier scale-up [11]. 

In oleaginous microorganisms lipid accumulation is 

critically affected by the carbon-to-nitrogen (C/N) 

ratio and typically occurs under nitrogen limited 

conditions and in the presence of high sugar 

content [1]. When nitrogen is limiting, triglycerides 

are stored within intracellular lipid bodies [12]. 

The main oleaginous yeast genera so far identified 

include species belonging to the genera Yarrowia, 

Candida, Rhodotorula, Rhodosporidium, 

Cryptococcus, Trichosporon and Lipomyces [11]. 

Some oleaginous yeasts have been reported to 

accumulate lipids up to 80% of their total dry cell 

weight under appropriate conditions [7, 11, 13]. 

However, the production of biodiesel from 

microbial feedstock remains economically 

unsustainable if expensive and edible substrates are 

considered [14]. The implementation with 

renewable waste raw materials (e.g. whey, crude 

glycerol, lignocellulosic biomass), having zero or 

even negative costs, could make microbial lipid 

production economically feasible. Indeed crude 

glycerol is the main byproduct, about 10 % (w/w), 

of the conversion of oils into biodiesel. In other 

words, for every 3 mol of methyl esters produced, 1 

mol of glycerol is obtained as a byproduct [15]. 

Considering the increasing demand for biodiesel, 

larger amounts of glycerol are expected of being 

accumulated as a byproduct [16]. Nowadays, in 

some countries, crude glycerol is treated as 

industrial wastewater or simply incinerated, making 

biodiesel a “grey” fuel rather a green fuel 

alternative [17]. 

Despite desirable, an efficient valorization of crude 

glycerol is difficult to achieve since it contains 



several impurities such as residual methanol, 

NaOH, carry-over fat/oil, some esters, and minor 

amounts of sulfur compounds, proteins, and 

minerals [17]. Refined glycerol could be a valuable 

product, but once more the purification process is 

too costly and energy-intensive [18]. 

Nevertheless, crude glycerol has been tested in 

many studies as a substrate for the production of 

SCOs or for other metabolic compounds (such as 

citric acid, acetic acid, polyols, etc.) by several 

eukaryotic microbial strains [19]. 

In this study, the oleaginous yeasts Cryptococcus 

curvatus, Lipomyces starkeyi and Rhodosporidium 

toruloides were chosen as three of the most 

promising cell factories for lipid production using 

crude glycerol as sole carbon source [5, 18, 20]. 

Furthermore, data concerning this topic in these 

strains are still scarce in literature [5, 18, 19, 21-

24]. Here we demonstrate that the development of 

an efficient, yet simple, feeding strategy is 

sufficient to avoid the detrimental effects deriving 

from the impurities present in crude glycerol and to 

enhance the production of lipids. This fermentation 

strategy greatly increased cell density as well as the 

rate of lipid production. 

The lipid-producing capability of the chosen yeasts 

was investigated through the application of 

different techniques. In particular, fluorescent 

microscopy, flow-cytometry and FTIR 

microspectroscopy analyses were performed. All 

these are relatively fast approaches that do not 

require lipid extraction and would be helpful in the 

initial screening phase as well as in the real time 

evaluation of the effective production over 

fermentation time [25]. To the best of our 

knowledge, this is the first time that a combination 

of non-invasive techniques are applied to monitor 

lipid accumulation from crude glycerol over 

fermentation time. 

Finally, gas chromatography analysis (GC) was 

performed to preliminarily qualify the potential of 

the obtained microbial oil as biodiesel. 

 

 

RESULTS AND DISCUSSION 

 

Effect of crude glycerol on yeasts growth 

It has been reported that different oleaginous yeast 

strains present different metabolic responses 

depending on the origin of the crude glycerol 

employed as carbon source [1]. To evaluate the 

growth of R. toruloides (DSM 4444), C. curvatus 

(DSM 70022) and L. starkeyi (DSM70295) on the 

crude glycerol stock adopted in this study, shake 

flasks experiments were performed. 

Five different defined media containing different 

proportions of crude versus pure glycerol were 

prepared (from A to E; see Methods for details). 

For all formulations, the initial concentration of 

total glycerol was fixed at 100 g L-1. Strains were 

cultivated in batch mode at 25°C, 220 rpm, pH 5.5 

(buffered with citric acid) for about 200 hours, 

monitoring biomass (optical density and cell dry 

weight, Additional file 6) and lipid accumulation 

(flow-cytometry and fluorescence microscopy 

analyses, by Nile Red staining, Additional file 7). 

As shown in Figure 1, medium formulated with 100 

g L-1 of pure glycerol (Medium A, dashed lines, 

open squares) well sustained the growth of all the 

strains selected for this study. On the contrary, no 

biomass increase was observed when crude 

glycerol concentrations of 50 (Medium D, closed 

diamonds) and 100 g L-1 (Medium E, closed 

squares) were used. On Medium C (30 g L-1 of 

crude glycerol; closed triangles) only R. toruloides 

showed a significant growth within 216 hours. 

Instead, with the lowest crude glycerol 

concentration tested (20 g L-1; Medium B, closed 



circles), all the yeasts were able to reach, after 216 

h, biomass values similar to those obtained on 

Medium A. 

Between the tested yeasts, R. toruloides proved to 

be the most tolerant yeast (Figure 1a). It also 

showed the highest biomass production, calculated 

as cell dry weight, within 216 h: about 30.3 g L-1 

against only about 19.9 g L-1 and 25.2 g L-1 reached 

with C. curvatus and L. starkeyi, respectively. 

Overall, high crude glycerol concentrations 

inhibited yeasts growth. The inhibition has mainly 

affected the duration of the lag phase since the 

specific growth rates were similar or even higher of 

those observed on pure glycerol when crude 

glycerol was part of the medium composition (Data 

not shown). An acidification of the medium as 

possible cause of the inhibition was excluded by 

monitoring the pH immediately after sampling. 

 

Feeding pure vs crude glycerol for lipid 

production 

Feeding strategies have been often proven to be 

crucial for the control of microbial cultures and 

production in biochemical processes [26]. 

Therefore, here we assessed the efficacy of 

developing a fed-batch protocol for minimizing the 

growth inhibition caused by the use of crude 

glycerol. 

Briefly, strains were cultivated at 25°C, pH 5.5 and 

monitored until glycerol exhaustion. The inlet gas 

flow rate was maintained constant at 1 vvm and stir 

was set in cascade to 25% of dissolved oxygen to 

ensure fully aerobic conditions. 

The cultivation was designed to have three different 

phases: 1) initial phase on pure glycerol (from 0 to 

28 h) to adapt cells to the operative conditions; 2) 

“feeding” phase (from 28 to 48 h) where the 

medium was fed to reach a final concentration of 

about 100 g L-1 of glycerol (crude versus pure); 3) 

“lipid accumulation” phase under nitrogen 

limitation and in excess glycerol (from 48 h to the 

time of glycerol depletion) (see Methods for 

details). 

Figure 2 (left panels) shows the glycerol 

consumption profiles of R.toruloides (a), C. 

curvatus (b) and L. starkeyi (c) on both pure 

(dashed line) and crude (continuous line) 

glycerol.As reported in literature [27] the 

calculation of the optimal feeding rate is complex, 

since it has to match the requirements of the desired 

process of production. In this study, the defined 

dilution rate of 0.45 mL min-1 was low enough to 

avoid culture dilution but at the same time as high 

as possible to sustain lipid accumulation. 

From a general point of view, during the initial 24 h 

the glycerol utilization rate was low in all the three 

strains, associated with an adaptation to the 

operating conditions. With the start of the feeding 

(28 h) all the tested yeasts were able to grow on 

crude glycerol, demonstrating the efficacy and the 

robustness of the feeding strategy. The crucial role 

of the feeding strategy can be further appreciated 

considering the shake flasks experiments 

previously described, where none of the selected 

yeasts proved to be able to grow starting with 100 

and 50 g L-1 of crude glycerol. Same results have 

been also obtained in batch fermentations 

performed in bioreactors (data not shown). 

In C. curvatus and L. starkeyi no significant 

differences were observed between the 

consumption profiles of pure and crude glycerol 

(Figure 1b and c, left panel). Surprisingly, in R. 

toruloides crude glycerol consumption was 

markedly faster than that of pure glycerol (~0.73 g 

L-1 h-1 and ~0.98 g L-1 h-1on pure and crude 

glycerol, respectively) (Figure 1a, left panels). 

Overall, the highest glycerol uptake rates were 

observed in L. starkeyi (~1.03 g L-1 h-1 and ~1.05 g 



L-1 h-1 on pure and crude glycerol, respectively), 

while the lowest uptake rates were measured for C. 

curtvatus (~0.52 g L-1 h-1 and ~0.48 g L-1 h-1 on 

pure and crude glycerol, respectively). This feature 

did not emerged during shake-flask batch 

experiments. 

Table 1 reports a comparison of the cell mass and 

lipid productivities of the three yeasts growing on 

pure and crude glycerol. According to the data on 

substrates consumption, in R. toruloides also 

biomass production was markedly faster on crude 

glycerol compared to pure glycerol: at 144 h the 

dry cell weight on pure and crude glycerol was of 

29.75 g L-1 and 39.55 g L-1, respectively (Table 1). 

These findings are in line with literature data 

reporting how crude glycerol can in some cases 

lead to higher biomass and lipid productivities 

when compared to pure substrate [18], due to the 

presence of macro elements, vitamins and other 

compounds that during the biodiesel production 

process can diffuse to the glycerol phase [28]. 

Possibly because of different nutritional 

requirements, biomass accumulation proceeded 

without significant differences between crude and 

pure glycerol cultures in C. curvatus and L. starkeyi 

(Table 1). 

The highest biomass productions were achieved in 

C. curvatus (~43.7 g L-1 and ~45.1 g L-1 on pure 

and crude glycerol, respectively) but, independently 

from the substrate (pure or crude glycerol), 

associated with the lowest productivity compared 

to the other strains. These data underline once more 

that both production and productivity can vary 

considerably depending on the selected cell factory. 

Regarding the production of interest, remarkably 

this process set-up assured in the three investigated 

yeasts a good lipid accumulation (Table 1). In 

particular, R. toruloides was found to be the most 

effective in terms of lipid productivity and overall 

lipid content (on dry cell weight basis): on crude 

glycerol a lipid productivity of 0.15 g L-1 h-1, very 

close to the one obtained with pure glycerol (0.13 g 

L-1 h-1), and almost the same lipid content (60.9 and 

60.0 % on pure and crude glycerol, respectively) 

were obtained. 

Table 2 presents an overview of literature data 

regarding total dry weight and microbial oil content 

achieved during cultivation of R. toruloides, C. 

curvatus and L. starkeyi yeast strains on glycerol. 

In the case of R. toruloides strains, the CDW and 

SCO concentrations achieved in this study are 

among the highest reported in literature. To the best 

our knowledge, on crude glycerol only in one case 

[23] an higher lipid productivity has been so far 

observed. 

For C. curvatus, even if lipid content is in line than 

those of other reports, lipid productivity is lower 

than what reported in [5]. 

Finally, for L. starkeyi a scarce number of reports 

have indicated lipid accumulation based on crude 

glycerol consumption. Among these, the highest 

CDW and SCO concentrations as well as 

productivity have been achieved in this study 

(Table 2). 

Nevertheless and for sake of clarity, it is important 

to notice that a direct comparison of the literature 

data is difficult: as shown in Table 2, various 

fermentation configurations, as well as nitrogen 

source and glycerol concentrations were tested. 

 

Evaluation of lipid production in 

oleaginous yeasts by Nile Red staining 

Nile Red (NR) is a red phenoxazine dye, present as 

a minor component of commercial preparations of 

the non-fluorescent stain Nile Blue, which 

selectively stains lipophilic substances. 

During fed-batch experiments cells were collected 

at different time points (T=0, T=28, T=48, T=72, 



T=144, T=192, T=240 h after inoculation, see 

Figure 3), stained with Nile Red and analyzed by 

flow-cytometry to evaluate the lipid content (see 

Methods for details). In Figure 3, the overlay 

histograms of R. toruloides (a), C. curvatus (b) and 

L. starkeyi (c) cells growing on both pure (left 

panels) and crude (right panels) glycerol are 

reported.  

For all the tested strains, once started, lipid 

accumulation proceeded along with the 

fermentation as shown by an increase of 

fluorescence over time, with only slight variations 

from pure and crude glycerol cultures (Figure 3). 

This increase was negligible in the non-oleaginous 

yeast, S. cerevisiae, (data not shown). It is 

interesting to note that, at time points near to 

glycerol exhaustion, Nile Red fluorescence signals 

related to crude glycerol cultivations were higher 

compared to those of pure glycerol cultures. 

Comparing the different yeasts, fluorescence 

signals were low at 28 h for C. curvatus and R. 

toruloides (Figure 3a and 3b), as expected. On the 

contrary, in L. starkeyi at 28 h fluorescence signals 

were higher (Figure 3b), suggesting that lipid 

accumulation was already started during the shake-

flask cultivation (pre-inoculum phase). The Nile 

Red fluorescence signals collected immediately 

after the inoculum (T=0 h) were not showed since 

they were found to be very similar of those 

collected at 28 h. At 48 h in R. toruloides the Nile 

Red fluorescence signals were found to be higher 

compared to those related to 28 h, while a relevant 

increase of signal was observed only at 72 h from 

the inoculum for C. curvatus and L. starkeyi. 

Interestingly, a bimodal distribution was observed 

at 72 and 144 h in L. starkeyi, suggesting the 

existence of two distinct populations with different 

lipid content. 

Overall, it can be noticed that, independently from 

the cultivation conditions (pure or crude glycerol), 

the higher fluorescence signals were observed in R. 

toruloides (Figure 3a). 

Fluorescence microscopy images confirmed flow-

cytometry observations: as example, at 28 h R. 

toruloides and C. curvatus showed very weak 

fluorescence signals, while small lipid droplets 

were already visible in L. starkeyi cells (Figure 4). 

The direct observation of cells also enable the 

detection of differences in lipid bodies size, 

morphology and abundance among the different 

yeasts, as previously reported but for different 

growth conditions [29].  

R. toruloides (Figure 4a) cells, with small lipid 

bodies at 72 h, modified into bigger cells (up to 5 

μm) with one or two lipid bodies at 144 h. C. 

curvatus (Figure 4b) at 72 h showed numerous 

small lipid bodies (less than 1 μm diameter) 

contained in long rod-shaped cells. After 144 h of 

cultivation, the majority of the cells contained only 

one or two bigger lipid bodies (3-4 μm) and some 

smaller ones (less than 1 μm). L. starkeyi (Figure 

4c) produced one or two large lipid bodies in their 

spherical cells (as shown in [30]). The small lipid 

bodies (less than 1 μm diameter), which were 

already visible in the cells at the beginning of the 

feeding phase (28 h), increased in size to more than 

6 μm diameter after 144 h of cultivation. 

Overall, in both dichroic and fluorescence 

microscopy images small lipid droplets, when 

present, were easily observed at early time points 

and they seemed to collapse into bigger structures 

over time. 

Fluorescent microscopy analyses did not shed light 

on the formation in L. starkeyi of two sub-

populations with different fluorescent signal, but 

overall they clearly depict the different transition 

between growth and lipid accumulation occurring 



among the three yeasts and provide a useful semi-

quantitative evaluation of their lipid accumulation 

over time. 

 

FTIR microspectroscopy coupled to PCA 

for monitoring lipid accumulation in intact 

oleaginous yeast cells 

Fourier Transform Infrared (FTIR) 

microspectroscopy has been demonstrated as a 

powerful, non-invasive and time-saving technique 

to monitor lipid accumulation in intact cells [25]. 

Indeed, this spectroscopic approach allows to 

obtain a biochemical fingerprint of the sample 

under investigation, giving information on its main 

biomolecule content (see Additional file 1) [31]. 

In this study we measured the infrared absorption 

of R. toruloides, C. curvatus, L. starkeyi and S. 

cerevisiae (as internal control) intact cells, at 

different times of growth (T=0, T=28, T=48, T=72, 

T=144, T=192, T=240 hours after inoculation). To 

evaluate the time course of lipid accumulation, in 

Figure 5a is reported the temporal evolution of the 

CHx stretching band area, between 3050 and 2800 

cm-1 [32, 33], after normalization for the total 

protein content given by the amide I band area (see 

Additional file 1) [34]. We have found that lipid 

accumulation started approximately at 48 h of 

growth, with the exception of L. starkeyi (triangles) 

that, as detected also by Nile Red fluorescence (see 

Figure 3c and 4c), already started to accumulate in 

the pre-inoculum phase. Also FTIR analysis 

confirmed the highest lipid accumulation in R. 

toruloides (squares), under crude glycerol feeding. 

These results have been also confirmed by the 

temporal evolution of the ester carbonyl band area, 

between 1760 cm-1 and 1730 cm-1 [32, 33], again 

normalized for the total protein content (see Figure 

5b), in agreement with Nile Red staining and 

analyses. 

To better investigate the spectral features due to 

lipid accumulation and in particular to assign them 

to specific lipid molecules, we supported the 

infrared characterization with a multivariate 

analysis approach, namely the principal component 

analysis (PCA) [35]. In particular, we compared the 

IR response of the studied yeast strains with that of 

standard fatty acids, chosen among the most 

representative products of the oleaginous yeasts [1]. 

We performed the PCA on the raw spectra of 

samples taken at time 0 and 144 h, as representative 

of the yeast time-dependent behavior plus the raw 

spectra of the standard lipids. The spectral range 

was split into three ranges and the PCA was 

performed independently on each range. The 

Euclidean distance on the PCA score plot 

(Additional files 3, 4 and 5) among the lipids 

standards and a given oleaginous yeast was used as 

a measure to quantify the accumulation of a class of 

lipids in a specific yeast. The distance was 

computed for both time 0 and time 144 h, and a 

percentage change was then computed. The 

procedure was repeated for each yeast strain grown 

in pure glycerol as well as in crude glycerol and for 

each analyzed spectral range. Finally, an average 

percentage change across the ranges was computed 

and shown in Figure 6 (see Methods and Additional 

files for details about the procedure). 

 

FTIR analysis of the cell wall modifications 

during lipid accumulation 

The analysis of the second derivative spectra 

allowed to characterize the IR response of the yeast 

cell wall carbohydrates (Additional file 1) and in 

particular to investigate their modifications during 

the accumulation of lipids. 

To this aim, we analyzed the spectral range 

between 1200-950 cm-1, due to the overlapping 

absorption of C-O vibrations mainly from 

http://www.sciencedirect.com/science/article/pii/S0960852410001513
http://www.sciencedirect.com/science/article/pii/S0960852410001513


carbohydrates, of O-P-O groups, and of C-O-P 

modes typical of phosphate esters [36, 37]. 

Firstly, in Figure 7a is reported the second 

derivative spectra of the control strain (S. 

cerevisiae) at 

 0 and 144 h. At time 0, the spectrum is dominated 

by the absorption of glucans and mannans, major 

components of the yeast cell wall [38]. In 

particular, the absorptions at ~ 1156 cm-1, 1104 cm-

1 and 1080 cm-1 can be mainly assigned to β 1→3 

glucans, while the band at ~ 1024 cm-1 to β 1→4 

glucosidic bonds in chitin and /or in glucans linked 

to a N-acetylglucosamine molecule; moreover, the 

component at ~ 998 cm-1 can be mostly due to β 

1→ 6 glucans [36, 37, 39]. It should be noted that 

the simultaneous presence of the three bands at 

1156 cm-1, 1080 cm-1 and 1024 cm-1 could be also 

indicative of the presence of glycogen [39]. Finally, 

the absorption at ~ 1045 cm-1 is mainly due to 

mannans [36, 37]. These components were found to 

increase in intensity after 144 h of growth, as 

displayed. Moreover, some bands were found to 

shift in peak position, including the ~ 1156 cm-1 

that downshifted to ~ 1152 cm-1, the ~ 1024 cm-1 

that upshifted to ~ 1028 cm-1, and the ~ 998 cm-1 

that downshifted to ~ 993 cm-1. Overall, these 

variations could reflect a modification of 

carbohydrate interactions with the surrounding 

molecules of the cell wall. 

Analogously, we investigated possible variations of 

the cell wall features during the accumulation of 

lipids in the oleaginous yeasts. At time 0 the 

spectrum of C. curvatus grown in medium 

supplemented with crude glycerol is mainly 

characterized by the β 1→3 glucan components at 

~ 1154 cm-1 and 1079 cm-1 (Figure 7b). Moreover, 

a very low intensity band was detected around 1041 

cm-1 that can be attributed to the absorption of 

mannans and a weak absorption at ~ 992 cm-1, 

mostly due to β1 →6 glucans, was also observed. 

Interestingly, these spectral components were 

found to dramatically increase in intensity at 144 h, 

reflecting a profound rearrangement of the cell wall 

architecture during lipid accumulation. 

Furthermore, new spectral features were observed. 

In particular, beside the upshift of the β 1 →3 

glucans band up to ~ 1156 cm-1, a new component 

at ~ 1144 cm-1 was detected, again assigned to β 1 

→3 glucans. The appearance of new spectral 

features in the β 1 →3 glucan absorption could be 

indicative of a modification of the physico-

chemical properties of the complex network formed 

by glucans, which indeed interact with different 

cell wall components, including other carbohydrate 

polymers and/or proteins [38, 39]. In particular, 

modifications of glucan interactions with the 

surrounding wall components could lead to 

variations of their IR response. Moreover, a well 

resolved peak was observed at ~ 1117 cm-1, 

negligible at T=0, that can be tentatively assigned 

to the O-H bending vibration of glycoproteins [40]. 

In addition, the component at ~ 1055 cm-1, due to 

mannans, was also detected. Interestingly, the 

glycogen absorption at ~ 1156, 1080, 1022 cm-1, 

negligible at T=0, was found at high intensity at 

T=144. 

As also reported in the figure, very similar spectral 

features were observed when cells grew in medium 

supplemented with pure glycerol. 

The analysis of cell wall carbohydrates in R. 

toruloides (Figure 7c) at T=0 in medium 

supplemented with crude as well as pure glycerol 

highlighted similar spectral features to those found 

for C. curvatus (Figure 7b). During the lipid 

accumulation up to 144 h, in particular the β glucan 

bands and the glycogen absorption were found to 

increase in intensity and their increase was slightly 

higher in the case of cells grown in medium 



supplemented with pure glycerol. We should note 

that in R. toruloides the intensity variations of the β 

glucan bands were lower compared to those 

depicted in C. curvatus and also that the mannan 

absorption around 1041 cm-1, observed in C. 

curvatus, was not detected in the case of R. 

toruloides. Moreover, the broad band at ~ 1025 cm-

1, that can be due to the overlapping absorption of 

glycogen and β 1→4 glucosidic bonds, was found 

to increase in intensity up to 144 h, particularly in 

pure medium.  

Interestingly, the spectral features of L. starkeyi cell 

wall carbohydrates appeared to be different 

compared to the other analyzed oleaginous yeasts. 

In fact, at T=0 the spectrum of L. starkeyi, grown in 

crude glycerol, is characterized firstly by a complex 

absorption band with three peaks at 1174 cm-1, 

1157 cm-1, and 1142 cm-1 (Figure 7d). While the 

latter two are due to β1 →3 glucans, the 1174 cm-1 

band can be tentatively assigned to β glucans [41]. 

Furthermore, the glycoprotein component at ~ 1117 

cm-1 [40] is present in the T=0 spectrum, together 

with the β1 →3 glucan absorption at ~ 1080 cm-1. 

In addition, three low intensity bands were 

observed at ~ 1045 cm-1, due to mannans, and at ~ 

1028 cm-1 and ~ 993 cm-1, that can be respectively 

assigned to β1 →4 glucosidic bonds and β1 →6 

glucans. 

These spectral behaviors were found to change at 

144 h, and in particular we observed a 

rearrangement of the β 1→3 glucan components. 

Indeed, a new component at ~ 1094 cm-1 appeared, 

accompanied by an intensity increase of the ~ 1142 

cm-1 absorption and a reduction of the ~ 1080 cm-1 

band. Moreover, a well resolved component at ~ 

1034 cm-1, that can be assigned mainly to mannans 

[41] was observed, instead of the two bands at ~ 

1045 cm-1 and ~ 1028 cm-1 detected at T=0. These 

results, which have been also found for the growth 

in medium added with pure glycerol, suggest that 

modifications of the cell wall physico-chemical 

properties occurred during lipid accumulation, 

involving the different carbohydrate components. 

However, in L. starkeyi we did not detected 

dramatic band intensity variations between 0 and 

144 h, as instead seen for the other analyzed strains. 

This result could be due to the fact that cell wall 

modifications likely took place already in the pre-

inoculum phase, when lipid accumulation has also 

started. 

 

Gas chromatography analysis of fatty acid 

composition 

The lipids produced by fed-batch experiments with 

R. toruloides, C. curvatus and L. starkeyi at 144 h 

were hydrolyzed and transmethylated. The 

resulting fatty acid methyl esters (FAME) were 

then analyzed by gas chromatography (Table 3, see 

Methods for details). Long-chain fatty acids were 

predominantly represented in all the strains and the 

four that accounted for over 90% of the total were 

palmitic (C16:0), stearic (C18:0), oleic (C18:1) and 

linoleic acid (C18:2). In agreement with PCA 

results, the oleic acid was the most produced, while 

the linolenic acid was accumulated in very small 

quantities by all yeasts. Nevertheless, the applied 

multivariate analysis was not sensitive enough to 

resolve FTIR spectra into the specific classes of 

fatty acids disclosed by GC analyses. 

From a general point of view, the fatty acid profiles 

showed slight changes between the different culture 

conditions (pure vs crude glycerol). However, for 

all the tested yeasts, on crude glycerol the oleic 

acid content was slightly higher than that obtained 

from pure glycerol. 

Table 3 details some interesting differences among 

the yeasts object of this study. In R. toruloides and 

C. curvatus at 144 h the percentage of 18:2 was 



about twice the percentage observed in L. starkeyi 

and this independently from the glycerol employed 

(pure or crude). Also the percentage of oleic acid 

was significantly different: the highest percentage 

of 18:0 was observed in L. starkeyi (~ 39.4 % and ~ 

40.9 % on pure and crude glycerol, respectively), 

while the lowest percentages were observed in C. 

curvatus (~ 27.6 % and ~ 31.2 % on pure and crude 

glycerol, respectively). 

GC analysis of R. toruloides and C. curvatus were 

performed also just before the end of the 

fermentations (168 h and 240 h for R. toruloides 

and C. curvatus, respectively), finding that fatty 

acids profiles (% wt/wt) were basically unchanged 

compared to those observed at 144 h (data not 

shown). 

The lipids chains of all the analyzed yeasts exhibit 

low degrees of unsaturation, which is desirable for 

their application in biodiesel production [42]. The 

highest percentages of polyunsaturated fatty acids 

(PUFAs) were observed in R. toruloides (~ 20.2 % 

and ~ 18.0 % on pure and crude glycerol, 

respectively), while the lower amounts were 

observed in L. starkeyi (~ 8.1 % and ~ 7.8 % on 

pure and crude glycerol, respectively). 

It is reported in literature that comparing the fatty 

acids profiles of different oil feedstock [3], the 

biodiesel derived from yeast lipids are more 

saturated. It is also reported that yeast oil together 

with Palm oil and Jatropha oil have the highest 

percentages of monounsaturated fatty acids, which 

make them better sources for biodiesel production 

than soybean oil [21]. Overall, results reported in 

Table 3 are in line with these observations, showing 

in all the tested yeasts a higher content of saturated 

and monounsaturated fatty acids. 

We have also observed that, for all the yeasts tested 

in this study, the percentages of 18:1 were lower 

than 20 % at day 2 (data not shown), but increased 

over time reaching values reported in Table 3 by 

day 7 and were stable thereafter. Over time, the 

increase in the percentages of oleic acid (18:1) was 

followed by a decrease of the percentages of stearic 

acid (18:0): as example, in R. toruloides the 

percentages of 18:0 were ~ 50.0 % at day 2 but 

decrease to ~ 12.0 % by day 7. Percentages of 

linoleic acid (18:2) changed over time but with 

some differences among the different yeasts: in R. 

toruloides and C. curvatus the percentages 

decreased from day 2 to day 7 (~ 10.0 %) while in 

L. starkeyi percentages of 18:2 were very similar 

over time. Differently, percentages of 14:0, 16:1 

and 18:3 were basically unchanged during the 

entire experimental time. 

When considering whether biodiesel derived from 

yeast lipids is suitable for use as a fuel, several 

factors should be taken into account. The 

successful commercialization of biodiesel in many 

countries has been accompanied by the 

development of standards, as ASTM D6751 

(ASTM=American Society for Testing and 

Materials) and the European standard EN, to ensure 

high product quality and user confidence [43]. In 

particular, ignition quality, heat of combustion, 

cetane number, oxidative stability, viscosity and 

lubricity are some of the properties of the biodiesel 

fuel influenced by fatty acids structure. Over the 

years predictive equations were developed and 

have generally proved successful in estimating the 

physical properties of oil composed of FAMEs 

[44]. In the present study, the equations reported in 

[45] were employed to predict biodiesel properties, 

such as the viscosity and the cetane number. While 

cetane number for the tested yeasts was in the range 

between 59-62, meeting the international 

specifications [44], kinematic viscosity predicted 

values exceeded the limits of 3.5–5 mm2 s-1 set by 

EN 14214. 



However, as reported in [1], it is important to 

remember that the majority of the yeast oil-based 

biodiesel could be used as fuel for diesel engines 

only when they are blended with diesel fuel and the 

fatty acid profile that provides a fuel with all 

optimal parameters does not exist yet. 

 

 

CONCLUSIONS 

 

Valorization of waste raw materials represents a 

scientifically intriguing and socially relevant 

challenge in industrial biotechnology. 

In this work we presented the oleaginous yeasts R. 

toruloides, C. curvatus and L. starkeyi as three of 

the most promising cell factories for biodiesel 

production starting from crude glycerol as 

substrate. In particular, we have demonstrated the 

possibility to design an efficient yet simple and 

robust feeding strategy useful in preventing the 

inhibitory effect of crude glycerol. The 

fermentation protocol is not trivial since, as well 

exemplified by our data on L. starkeyi, the 

transition between growth and lipid accumulation is 

species-specific. 

With the herein described strategy all the selected 

yeasts were not only able to reach high biomass 

content but also to efficiently accumulate lipid over 

time, being high productivity one of the key 

parameter for the development of a viable process 

of production. The final lipid production on crude 

glycerol is similar if not higher than the one 

reached on pure glycerol. From the comparative 

analysis L. starkeyi showed the highest glycerol 

consumption rate, while R. toruloides the highest 

productivity and lipid titer. 

FTIR microspectroscopy and flow cytometry 

analyses demonstrated to be efficient and time-

saving methods for monitoring lipid accumulation 

along the process within intact cells. However, GC 

analysis is still indispensable to accurately identify 

the lipids extracted from cells. Noteworthy, FTIR 

microspectroscopy revealed important changes 

occurring over time in the yeast cell wall 

composition. Considering that downstream 

processing procedures are costly and considering 

that one of the major issue with oleaginous yeast is 

cell breakage to rescue the product, these analyses 

will be relevant in guiding the choice of the cell 

factory, in designing the producing protocol, 

willing to develop a cost-effective process of 

production. 

 

 

METHODS 

 

Strains and media 

R. toruloides (DSM 4444), C. curvatus (DSM 

70022) and L. starkeyi (DSM70295) were 

purchased from DSMZ. Yeasts were stored in 

cryotubes at -80°C in 20% glycerol (vv-1). The S. 

cerevisiae strain used in this study was GRF18U 

(MATa; ura3; leu2-3,112; his3-11,15; cir+, [46]) 

The composition of the inoculum and fermentation 

medium was (per liter): 1 g of yeast extract (0.114 

g of nitrogen), 1.31 g of (NH4)2SO4 (0.278 g of 

nitrogen), 0.95 g of Na2HPO4, 2.7 g of KH2PO4, 0.2 

g of Mg2SO4·7H2O, 0.04 g. After the pH was 

adjusted to 5.5 using NaOH 4 M, the medium was 

supplemented with a 100X trace mineral stock 

solution consisting of (per liter): 4 g CaCl2·2H2O; 

0.55 g FeSO4·7H2O; 0.52 g citric acid; 0.10 g 

ZnSO4·7H2O; 0.076 g MnSO4·H2O; and 100 μL 

18M H2SO4. 

Yeast extract was provided by Biolife Italiana S.r.l., 

Milan, Italy. All the others reagents were provided 

by Sigma-Aldrich Co., St Louis, MO, USA. 



Glycerol, both crude and pure, was used as carbon 

and energy source. Accordingly [47], for the 

calculations of the carbon-to-nitrogen ratio (C/N), a 

carbon content in glycerol of 39.1 %, and a 

nitrogen content of 21.2 % and 11.4 % in 

ammonium sulfate and yeast extract, respectively, 

were assumed. 

 

Raw material 

Crude glycerol derived from industrial biodiesel 

production out of palm oil. The stock had 80% 

content of glycerol and appeared as a dark brown 

liquid. In the text, reported crude glycerol 

concentrations (g L-1) refer to the HPLC measured 

glycerol. Composition analyses of this stock were 

conducted: the original sample was diluted 50-fold 

and passed through 0.22 μm filter. Glycerol and 

methanol concentrations were determined by HPLC 

(see below for specifications). Crude glycerol was 

centrifuged at 6000 rpm for 20 min. The top, dark 

red layer, mainly consisting of free fatty acids 

(FFAs), was removed. 

 

Batch cultures 

Flasks experiments were conducted in 250 mL 

Erlenmeyer flasks containing 50 mL of liquid 

medium. As carbon and energy sources, glycerol 

stocks (pure and crude) were mixed at different 

ratio to a final concentration of 100 gL-1 (for crude 

glycerol, the calculation was done on the basis of 

the HPLC measurements). In particular, five 

different media (from Medium A to Medium E) 

were tested: 100 % of pure glycerol (Medium A), 

80 % of pure and 20 % of crude glycerol (Medium 

B), 70 % of pure and 30 % of crude glycerol 

(Medium C), 50 % of pure and 50 % of crude 

glycerol (Medium D) and 100 % of crude glycerol 

(Medium E). The pH value of the medium was 

adjusted to 5.5 with NaOH 4M and was then 

maintained using a citrate buffer solution pH5.5 at 

the final concentration of 0.1 M.  

Shake flasks experiments were performed in 

triplicates on a rotary shaker at 25 °C and 220 rpm. 

The cultures were initiated upon 45 mL of the 

cultivation medium inoculated with 5 mL of the 

seed culture to a final absorbance (OD660) of 3.0. 

Growth was monitored by regularly measuring 

optical density (OD660) over time and by 

determining the cell dry weight (CDW) at 0 and 

216 hours (final point). Samples for flow-cytometry 

and fluorescence microscopy analysis (1 mL) were 

taken every 24 h. The supernatant of these samples 

was used for the HPLC analysis. 

 

Fed-batch cultures 

Yeasts were revived from cryo-preserved stocks 

stored at -80 °C and grown on YP-Glycerol agar 

plates. One colony was used to inoculate 1 L flasks 

with 200 mL of the culture medium and seed 

cultures were placed on a rotary shaker at 25 °C 

and 220 rpm for 3 days. Exponential phase shake 

flasks cultures were used to inoculate bioreactors to 

a final optical density (OD660) of 3.0. Briefly, cells 

were centrifuged at 6000 rpm for 5 min, washed 

twice with water, and finally resuspended in 20 mL 

of sterilized water. 

The fed-batch experiments were conducted in 2.0 L 

bioreactors (Sartorius Stedim BIOSTAT® Bplus, 

Germany). For all bioreactor cultivations, the 

aeration rate, agitation, and temperature were set to 

1 vvm, 300 rpm (in cascade to 25% of dissolved 

oxygen), and 25 °C, respectively. The pH was 

maintained by automatic pumping of 4 M NaOH. 

The cultivation was designed to have three different 

phases: 1) initial phase on pure glycerol (from 0 to 

28 h) to adapt cells to the operative conditions; 2) 

“feeding” phase (from 28 to 48 h) where the 

medium was fed to reach a final concentration of 



about 100 g L-1 of glycerol (crude versus pure) ; 3) 

“lipid accumulation” phase under nitrogen 

limitation and in excess glycerol (from 48 h to the 

time of glycerol depletion). 

Bioreactor experiments were started with a working 

volume of 1.0 L and with 15 g L-1 as initial 

concentration of pure glycerol, resulting in a 

medium with a balanced C/N ratio. 

For each bioreactor the feeding consisted in a 540 

mL solution containing concentrated pure or crude 

glycerol, so that the final glycerol concentration at 

the end of the feeding was ~ 100 g L⁻¹, and 

nutrients (salts and traces) to support cell growth. 

This led to a final working volume of 1.5 L 

(considering sampling). 

The feeding rate was set as fast as possible for 

reaching the desired C/N ratio but based on the 

assumption that the biomass concentration should 

not decrease below the value measured at the 

beginning of the feeding. The lowest specific 

growth rate on pure glycerol was taken as reference 

to determine how long should the feed last. In our 

case, the (lowest) specific growth rate of 0.0247 h-1 

was observed with C. curvatus. Based on this value 

the minimal feed length was calculated to be of 20 

h corresponding to a feeding rate of 0.45 mL min-1. 

This feeding rate was applied in all fermentations 

to allow a direct comparison between the yeasts.  

When needed, antifoam emulsion (Sigma-Aldrich, 

MO, USA) was added to prevent excess foam 

formation. Aliquots were collected at regular 

intervals to evaluate substrate concentration (HPLC 

analysis), optical density (OD660), cell dry weight 

(CDW) and lipid content (flow-cytometry, gas 

chromatography, fluorescence microscopy and 

FTIR analysis). 

 

Analytical methods 

The optical density was measured at 660 nm 

(OD660) with a Shimadzu UV-1800 

spectrophotometer (Shimadzu Corporation). 

Samples collected at different times were 

centrifuged at 14000 rpm for 10 min. The 

supernatants were filtered (0.22 μm filter) and 

glycerol and methanol concentrations were HPLC 

determined using a Rezex ROA-Organic Acid 

(Phenomenex). The eluent was 0.01 M H2SO4 

pumped at 0.5 mL min-1 and column temperature 

was 35 °C. Separated components were detected by 

a refractive-index detector and peaks were 

identified by comparing with known standards 

(Sigma-Aldrich, St Louis, MO, USA). 

Biomass was harvested by centrifugation of the 

culture samples at 4000 rpm for 10 min. The pellets 

were then washed twice with distilled water and 

dried at 40 °C (Concentrator 52301, Eppendorf, 

Germany) until a constant weight was obtained. 

Additional biomass was also preserved for cellular 

lipids and fatty acids analysis. 

 

Fluorescence microscopy and flow-

cytometry analysis 

Cell staining for lipids analysis was performed by 

using Nile Red (9-diethylamino-5-

benzo[α]phenoxazinone) obtained from Sigma-

Aldrich Co. (St Louis, MO, USA). As Nile Red is 

sensitive to light [48], it was always handled with 

reduced light conditions, and stored at 4 °C. 

Briefly, a Nile Red stock solution (314 μM) was 

prepared by dissolving 0.1 mg of Nile Red in 1 mL 

acetone [29, 49]. Cells were washed twice with 

PBS buffer (0.05 M, pH 7.0) and Nile Red was then 

added at a final concentration of 31.4 μM in PBS. 

Before measurements, cells were incubated for 5 

minutes in the dark at room temperature. 

Flow-cytometry analysis were conducted using a 

Beckman Coulter FC-500 flow cytometer 



(Beckman Coulter, Fullerton, CA, USA) equipped 

with an Argon ion laser (excitation wavelength 488 

nm, laser power 20 mW). Upon excitation, NR 

exhibits intense yellow-gold fluorescence when 

dissolved in neutral lipids, and red fluorescence 

when dissolved in polar lipids [50]. The optical 

system used collect red light (>650 nm 

corresponding to polar lipids) in the FL3 channel. 

A total of 20.000 cells were measured for each 

sample using a log amplification of the fluorescent 

signal. Non-stained cells were used as auto-

fluorescence control. Data analysis was performed 

afterwards with Flowing software 

(www.flowingsoftware.com) and Cyflogic 

(www.cyflogic.com). 

Fluorescence microscopy studies were carried out 

with a Nikon Eclypse 90i (Nikon Instruments, 

Inc.). Nile Red fluorescence was registered using a 

515- to 560-nm band-pass exciter filter. Images of 

stained cells were acquired both in dichroic and 

fluorescence mode. 

 

Gas chromatography analysis 

To determine the lipid content in yeast cells, lipids 

were extracted, based on the method of Bligh and 

Dyer [51] with modifications, and then analyzed 

through GC. Briefly, 10 OD (about 5 × 108 cells) of 

samples were centrifuged at 4000 rpm for 10 

minutes and washed twice with 1 mL of distilled 

water. Pellets were then resuspended in 5 mL of 

MeOH/CHCl3 (2:1) and mechanically disrupted 

twice using a French Press at 38.000 psi (Constant 

Cell Disruption System, Constant System Ltd). 

Then, 2 mL of citric acid and 3 mL of CHCl3 were 

added to the samples. After mixing, the samples 

were centrifuged at 4000 rpm for 2 minutes and the 

upper phase was discarded. Derivation of methyl 

esters from fatty acids was as previously described 

[52]. Fatty acid methyl esters were analysed by gas 

chromatography (DANI GC 1000. Alltech 

ECONO-CAPTM ECTM-WAX column, 30 m x 

0.32 mm ID x 0.25 μm). Starting from 100°C, the 

column temperature was headed to 200 at 10 °C 

min⁻¹, temperature was further increased to 245 °C 

at 5 °C min⁻¹ and then maintained for 1 min. 

Nonanoic acid was used as an internal standard. 

Fatty acids were identified by comparison of their 

retention times with those of standard (Sigma-

Aldrich, St Louis, MO, USA), quantified based on 

their respective peak areas and normalized. 

 

FTIR microspectroscopy 

Yeast cells from S. cerevisiae, C. curvatus, L. 

starkeyi and R. toruloides, at different time points 

(T=0, T=28, T=48, T=72, T=144, T=168 and 

T=240 hours from the inoculum) were washed 

three times in distilled water to eliminate medium 

contamination. Approximately 3 μL of the cell 

suspensions were then deposited onto an IR 

transparent BaF2 support, and dried at room 

temperature for at least 30 minutes to eliminate the 

excess water. FTIR absorption spectra were 

acquired in transmission mode, between 4.000 and 

700 cm-1, by means of a Varian 610-IR infrared 

microscope coupled to the Varian 670-IR FTIR 

spectrometer (both from Varian Australia Pty Ltd), 

equipped with a mercury cadmium telluride (MCT) 

nitrogen-cooled detector. The variable microscope 

aperture was adjusted from approximately 60 μm × 

60 μm to 100 μm × 100 μm). Measurements were 

performed at 2 cm-1 spectral resolution; 25 KHz 

scan speed, triangular apodization, and by the 

accumulation of 512 scan co-additions. When 

necessary, spectra were corrected for residual water 

vapour absorption [31, 53]. 

Spectral analysis was conducted in the spectral 

range between 4.000 and 800 cm-1. To this aim, 

second derivative spectra were obtained following 



the Savitsky-Golay method (third-grade 

polynomial, 9 smoothing points), after a binomial 

13 smoothing points of the measured spectra, using 

the GRAMS/32 software (Galactic Industries 

Corporation, USA). 

To verify the reproducibility and reliability of the 

spectral results, more than three independent 

preparations were analyzed. In the Figures, 

reported data are representative of the independent 

experiments performed. 

 

Principal component analysis of FTIR data 

The PCA was independently performed on three 

ranges, 3050-2800, 1800-1350, and 1350-900. 

Since each range provides different and specific 

information, splitting the analysis on different 

ranges allows an easier interpretation of the PCA 

results. The correlation matrix was computed on 

standardized spectra (zero mean and standard 

deviation equal to 1) and diagonalized to get 

eigenvectors (loadings, v) sorted according to the 

magnitude of the corresponding eigenvalues (Alvin 

Rencher and William F. Christensen, Method for 

Multivariate Data Analysis. ISBN). In all cases, the 

first three eigenvectors already describe more than 

90% of the total variance of the data. Principal 

components (scores) have been obtained projecting 

the original spectra on the orthogonal subspace 

defined by the first three eigenvalues. To quantify 

the distance from the lipids standards, the 

Euclidean distance in the three-dimensional 

principal components space was used: 

𝑑(𝒑𝑖
𝐾𝑡 , 𝒑𝑗

𝑆) = ∑ √(𝑝𝑚,𝑖

𝐾𝑡 − 𝑝𝑚,𝑗
𝑆 )

23

𝑚=1
 

Where p indicates 3D principal component, K 

refers to the strains (R. toruloides, C. curvatus, S. 

cerevisiae, L. starkeyi), t corresponds to the time of 

growth (0 h or 144 h), m is the m-th principal 

component and S indexes the standard lipids. Since 

each sample was measured multiple times the 

distance is computed between the i-th replica of 

sample K and the j-th replica of the standard S, 

obtaining the matrix 𝑫𝐾𝑡,𝑆 = [𝑑(𝒑𝑖
𝐾𝑡, 𝒑𝑗

𝑆)]. An 

average value for the distance between K and S was 

obtained computing the median of all the N(N-1)/2 

i-j pairs, 𝑑̃(𝐾𝑡, 𝑆) = 𝑚𝑒𝑑𝑖𝑎𝑛(𝑫𝐾𝑡,𝑆). Moreover to 

better quantify how much samples differ in terms 

of distance with the standard lipids, the percentage 

change between time 144 and 0 has been computed 

as : 

∆(𝐾144ℎ;0ℎ , 𝑆) = [1 −
𝑑̃(𝐾144ℎ , 𝑆)

𝑑̃(𝐾0ℎ , 𝑆)
] × 100 

A positive value indicates that a given lipid 

standards contributes to the spectral profile changes 

of the sample at 144 hours compared to the time 0; 

this suggests that it is accumulated during growth. 

Since all the procedure is repeated for the three 

analyzed ranges, we indicate the percentage change 

as ∆(𝐾144ℎ;0ℎ , 𝑆)
𝑅

, where R makes clear the range 

dependence. Finally, a unique average percentage 

change for each K-S pair is obtained averaging over 

the ranges. ∆̃(𝐾144ℎ;0ℎ , 𝑆) =
1

𝑅
∑ ∆(𝐾144ℎ;0ℎ , 𝑆)𝑅

𝑅
. 

Uncertainties have been estimated using a bootstrap 

procedure [54]. In particular, using 1000 bootstrap 

iterations, confidence intervals on the range 

specific percentage change, ∆(𝐾144ℎ;0ℎ , 𝑆)
𝑅

 , have 

been obtained using the bootstrap percentile 

method [55]. All data analyses were performed 

using the software package R (Core Team (2013). 

R: A language and environment for statistical 

computing. R Foundation for Statistical 

Computing, Vienna, Austria. URL http://www.R-

project.org/.), version 3.0.2. A pseudocode of the 

algorithm used for the bootstrap-PCA [54] we have 

implemented is given in the Additional files section 

(from Figure S3 to Figure S5). 
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Figure legends 

Figure 1 – Growth profiles of R. toruloides, C. curvatus and L. starkeyi shake flasks cultivated 

with different concentrations of pure and crude glycerol 

Growth curves (OD660 nm) of R. toruloides (a), C. curvatus (b) and L. starkeyi (c) cells at 25°C and 220 rpm. 

Glycerol was used as sole carbon source at the final concentration of 100 g L-1. Five different mix of pure and 

crude glycerol were evaluated: 100 % pure glycerol (A; dashed line and ☐ ), 80 % pure and 20% crude glycerol 

(B; continuous line and ), 70 % pure and 30% crude glycerol (C; continuous line and ), 50 % pure and 50% 

crude glycerol (D; continuous line and ) and 100 % crude glycerol (E; continuous line and ). Data are mean ± 

standard deviation (error bars) of three independent assays. 

 

  



Figure 2 – Glycerol consumption and growth (CDW) profiles of R. toruloides, C. curvatus and L. 

starkeyi under fed-batch cultivation. 

Glycerol consumption (g L-1) and grown profiles (CDW; g L-1) of R. toruloides (a), C. curvatus (b) and L. starkeyi 

(c) grown on pure (dashed line) and crude (continuous line) glycerol. 

Data are mean ± standard deviation (error bars) of three independent assays. 

 

  



Figure 3 – Flow-cytometry analysis of R. toruloides, C. curvatus and L. starkeyi 

Overlaid histograms of R. toruloides (a), C. curvatus (b) and L. starkeyi (c) cells grown on pure (left panels) and 

crude glycerol (right panels) stained with Nile Red and analyzed through flow-cytometry after 28, 48, 72, 144, 192 

(only R. toruloides and C. curvatus) and 240 h (only C. curvatus). The fluorescence emission was measured in the 

FL3 channel (>650 nm corresponding to polar lipids). For each condition, an example of control (cells not stained) 

is reported. 

Results shown are representative of three independent experiments, where the deviation from the X mean value 

was always less than 5 %. 

 

 

 



Figure 4 – Fluorescence microscope analysis of R. toruloides, C. curvatus and L. starkeyi 

R. toruloides (a), C. curvatus (b) and L. starkeyi (c) cells were stained with Nile Red and observed under the microscope after 28, 72, 144 h. For each condition, 

fluorescence images and the corresponding dichroic image is reported. Since no significant differences in lipid bodies shape and number were observed between 

samples derived from pure and crude glycerol cultivations, the images here reported refers only to the first condition. Bar indicates 10 μm. 

 

 



Figure 5 – Time dependence of fatty acid production by Fourier transform infrared (FTIR) 

microspectroscopy analysis. 

Time dependence of the CHx stretching band area (a) and of the ester C = O (b) of S. cerevisiae (), R. toruloides 

(), C. curvatus () and L. starkeyi () cells growing on pure (dashed lines) and crude glycerol (continuous 

lines). Values were normalized for the total protein content given by the amide I band area. 

 

 

  



Figure 6 – Average percentage change. 

Percentage change (Delta (144; 0 h, S), see Methods) are shown as averages across the three ranges, for R. 

toruloides (R.t.), L. starkeyi (L.s.), C. curvatus (C.c.) grown on puree glycerol (left panel) and crude glycerol 

(right panel). In addition, the average (across range) value of the gas chromatographic (GC) data is shown scaled 

in the range 0-100 for comparison. Error bars indicate the bootstrapped 95% confidence intervals. 

 

 

  



Figure 7 – FTIR analysis of yeast cell wall modifications during lipid accumulation. 

The second derivatives of the FTIR spectra of yeast cells are reported in the spectral range comprised between 

1200-950 cm-1, mainly ascribable to the absorption of cell wall carbohydrates.   

Spectra of control (a) and oleaginous yeasts C. curvatus (b) R. toruloides (c), and L. starkeyi (d) are displayed at 

time 0 and at 144 hours of growth in crude and pure glycerol. For comparison, the second derivative spectra have 

been normalized at the tyrosine band at ~ 1516 cm-1. 

 



Table 1 – Comparison of parameters related to biomass and lipid production among R. toruloides, C. curvatus and L. starkeyi grown on pure and 

crude glycerol. 

 

Yeast Carbon source 

 
Maximum DW 

(g L
-1

) 

Biomass 

productivity 

(g L-1 h-1)a 

Biomass 

Yield 

(g g-1) 

Glycerol 

uptake rate 

(g L-1 h-1)a 

Lipid 

(%) 

Lipid 

productivity 

(g L-1 h-1) 

         

R. toruloides 

Pure Glycerol  40.4 0.21 0.33 0.73 60.9 0.13 

Crude Glycerol  41.0 0.24 0.36 0.98 60.0 0.15 

         

C. curvatus 

Pure Glycerol  43.7 0.21 0.38 0.52 46.9 0.10 

Crude Glycerol  45.1 0.18 0.37 0.48 50.9 0.09 

         

L. starkeyi 

Pure Glycerol  31.4 0.31 0.26 1.03 48.2 0.10 

Crude Glycerol  32.7 0.29 0.26 1.05 55.9 0.13 

aBiomass productivity as well as glycerol uptake rate were calculated starting to the end of the feeding. 

Data shown are the mean of three independent experiments where the deviation from the mean value was less than 5 %. 

  



Table 2. – Literature-cited results of R. toruloides, C. curvatus and L. starkeyi strains cultivated on various crude glycerol-based media during 

growth under various fermentation configurations. 

Strain Carbon source Nitrogen source 
Dry weight 

(g L⁻¹) 

Lipid 

(%) 

Lipid 

productivity (g 

L
-1

h
-1

) 

Cultivation mode 
Glycerol (g 

L
-1

) 
Reference 

         

R. toruloides Y4 

Crude Glycerol 
Hydrolysate from 

rapeseed meal 

31.1 41.7 0.11 Fed-batch; 1-L bioreactor - 

[22] 
19.3 43.0 0.07 Batch; 1-L bioreactor 100 

Pure Glycerol 
35.3 46.0 0.14 Batch; 1-L bioreactor 100 

43.0 45.8 0.17 Batch; 1-L bioreactor 100 

         

R. toruloides Y4 
Crude Glycerol Peptone and yeast 

extract 

20.3 42.5 0.07 Flask 100 
[24] 

Pure Glycerol 21.1 40.3 0.07 Flask 100 

         

R. toruloides 

AS2.1389 
Crude Glycerol 

(NH4)2SO4 and Yeast 

extract 

19.2 47.7 0.06 Flask 50 

[18] 
20.1 42.9 0.05 Flask 50 

26.7 69.5 0.09* Batch; 5-L bioreactor 60 

18.00 74.1 0.07* Batch; 5-L bioreactor 60 

         

R. toruloides NRRL Y-

27012 
Crude Glycerol 

Peptone  and yeast 

extract 

30.1 40.0 0.03 Flask 120 
[19] 

23.8 47.0 0.04 Flask 95 

         

R. toruloides DSM 

4444 
Crude Glycerol 

SFM hydrolysate 47.9 37.8 0.14 Fed-batch; 3.6-L bioreactor - 
[23] 

PSFM hydrolysate 37.4 51.3 0.17 Fed-batch; 3.6-L bioreactor - 

         

C. curvatus ATCC 

20508 
Crude Glycerol 

Corn steep liquor, 

baker’s yeast 

autolysate and malt 

50.4 45.0 0.17 Fed-batch; 30-L bioreactor - 

[5] 58.9 43.0 0.19 Fed-batch; 6-L bioreactor - 

52.3 43.0 0.16 Fed-batch; 6-L bioreactor - 



extract 69.2 40.0 0.24 Fed-batch; 6-L bioreactor - 

         

C. curvatus ATCC 

20509 
Crude Glycerol Yeast extract 32.9 52.9 0.06 

Two-stage fed-batch; 2-L 

biorector 
- [21] 

         

C. curvatus ATCC 

20509 
Crude Glycerol 

SFM hydrolysate 38.0 47.1 0.09 Fed-batch; 3.6-L bioreactor - 
[23] 

PSFM hydrolysate 34.6 50.0 0.11 Fed-batch; 3.6-L bioreactor - 

         

L. starkeyi DSM 

70296 
Crude Glycerol 

Peptone  and yeast 

extract 

34.4 35.9 0.03 Flask 120 
[19] 

23.3 35.0 0.02 Flask 100 

* calculated considering fermentation time 195 h 

  



 

Table 3 – Gas chromatography analysis of R. toruloides, C. curvatus and L. starkeyi lipids produced using crude and pure glycerol as a sole 

carbon source. 

Peak areas less than 0.3% were considered insignificant 

S, saturated; M, monounsaturated; P, polyunsaturated 

Data are mean ± standard deviation of three independent assays 

Yeast Carbon source 

 Fatty acids composition (% wt/wt) 

 
C 14:0 C 16:0 C 16:1 C 18:0 C 18:1 C 18:2 C 18:3 Other  S M P 

               

R. toruloides 

Pure Glycerol 
 

1.5±0.1 27.9±0.1 2.1±0.1 12.3±0.1 35.3±0.1 17.4±0.2 2.8±0.1 0.7±0.1  42.4±0.2 37.4±0.1 20.2±0.2 

Crude Glycerol 
 

1.5±0.1 27.5±0.1 2.0±0.3 12.5±0.2 37.8±0.1 15.8±0.2 2.2±0.1 0.7±0.1  42.2±0.1 39.8±0.4 18.0±0.3 

               

C. curvatus 

Pure Glycerol 
 

1.6±0.3 29.6±0.1 3.7±0.3 18.6±0.1 27.6±0.2 14.9±0.1 1.9±0.2 2.1±0.6  51.9±0.1 31.3±0.1 16.8±0.2 

Crude Glycerol 
 

1.6±0.3 30.6±0.1 4.0±0.3 15.4±0.1 31.2±0.1 14.5±0.1 1.6±0.1 1.1±0.1  48.7±0.4 35.2±0.4 16.1±0.1 

               

L. starkeyi 

Pure Glycerol 
 

3.1±0.3 31.0±0.1 4.3±0.1 12.9±0.1 39.4±0.3 7.6±0.1 0.5±0.1 1.2±0.3  48.2±0.4 43.7±0.3 8.1±0.1 

Crude Glycerol 
 

3.0±0.2 32.2±0.1 4.2±0.1 10.9±0.1 40.9±0.1 7.2±0.1 0.6±0.1 1.0±0.2  47.1±0.1 45.1±0.1 7.8±0.2 
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ENHANCED TOLERANCE TO LIGNOCELLULOSE-

DERIVED INHIBITORS IN Lipomyces starkeyi BY 

ADAPTIVE LABORATORY EVOLUTION 

 

 

Keywords: L. starkeyi, adaptive laboratory evolution (ALE), inhibitors, acetic acid, 

furfural, hydroxymethylfurfural (HMF), pretreated material. 

 

 

BACKGROUND 

Lignocellulosic biomass is the most relevant renewable resource for biofuels and 

chemicals production. However, presence of different carbon sources (e.g. glucose, 

mannose, arabinose, xylose) as well as the presence of inhibitory compounds 

derived from biomass pretreatment (e.g. HMF, furfural, acetic acid) makes 

lignocellulosic hydrolysates challenging substrates for the growth of many 

microorganisms. 

Several researches have been conducted to find suitable microbial cell factories that 

can directly grow on lignocellulosic hydrolysates, converting the sugars into the 

value-added compounds of interest. 

In this context, the oleaginous yeast L. starkeyi represents an interesting microbial 

cell factory for biorefinery applications. This yeast is able to efficiently convert 

glucose as well as the pentoses xylose and arabinose. Moreover, it is able to 

accumulate lipids over 70 % of its dry cell weight [1]. However, its limited tolerance 

against high inhibitors concentration still constitutes an obstacle for an efficient 

conversion of lignocellulosic biomasses. 

Application of rational metabolic engineering approaches to increase L. starkeyi 

robustness is limited by the absence of a published genome sequence as well as of 



                                

 

efficient transformation protocols. Moreover, a rational approach requires a deep 

understanding of the pathways and mechanisms behind the phenotype of interest [2, 

3].  

The application of non-targeted strategies such as adaptive laboratory evolution 

(ALE) represents a possible alternative approach. ALE has successfully been 

performed to increase the robustness of S. cerevisiae to both hydrolysates [4] as well 

as specific inhibitors such as furfural [5] and HMF [6]. 

The aim of the current work was to increase the robustness of L. starkeyi by 

improving the tolerance towards lignocellulose-derived inhibitors through an 

adaptive laboratory evolution approach. 

In particular, here we describe the generation and selection of tolerant isolates. 

 

 

RESULTS AND DISCUSSION 

 

Evaluation of L. starkeyi tolerance to inhibitory compounds 

It has been reported that different yeasts have inherent different mechanisms to  

counteract the negative impact of inhibitory compounds. To evaluate the tolerance 

of L. starkeyi (DSM70295) to inhibitors derived from biomass pretreatment, 

preliminary shake flasks experiments were performed. 

The first set of experiments was performed using a defined mineral medium 

supplemented with the main inhibitory compounds derived from biomass 

pretreatment: acetic acid, furfural and HMF. In particular, according to 

concentrations reported in literature [7] different cultivation media were formulated: 

Medium A (acetic acid 2 g L
-1

, furfural 0.15 g L
-1

 and HMF 0.33 g L
-1

), Medium B 

(acetic acid 2 g L
-1

, furfural 0.25 g L
-1

 and HMF 0.75 g L
-1

), Medium C (acetic acid 

2 g L
-1

, furfural 0.5 g L
-1

 and HMF 1.5 g L
-1

) and Medium D (acetic acid 4 g L
-1

, 



                                

 

furfural 0.25 g L
-1

 and HMF 0.75 g L
-1

). The second set of experiments was 

performed using defined media containing different percentage of the liquid fraction 

of steam-pretreated Arundo donax: Medium E (pretreated material 10 %), Medium F 

(pretreated material 20 %) and Medium G (pretreated material 50 %). Higher 

percentages of pretreated material were also evaluated and proved to be strongly 

inhibitory for cell growth (data not shown). 

For all formulations, the initial concentration of sugars was fixed at 20 g L
-1

 (10 g L
-

1 
of glucose and10 g L

-1 
 of xylose). Strains were cultivated in batch mode at 30 °C, 

220 rpm and pH 5.5 (adjusted with NaOH and buffered with citric acid), monitoring 

biomass over time (optical density). 

 

 

 

Figure 1 – Growth profiles of L. starkeyi shake flasks cultivated in defined medium added with 

different concentrations of inhibitors (a) or different percentages of pretreated lignocellulosic material 

(b). 

Growth curves (OD660 nm) of L. starkeyi cells at 30 °C and 220 rpm. Glucose and xylose were used as 

carbon source at the final concentration of 10 g L-1 each. Different concentrations of inhibitors or 

different percentages of pretreated material were evaluated: (a) Medium A (acetic acid 2 gL-1, furfural 

0.15 g L-1 and HMF 0.33 g L-1; filled triangles, continuous line); Medium B (acetic acid 2 g L-1, furfural 

0.25 g L-1 and HMF 0.75 g L-1; filled circles, continuous line); Medium C (acetic acid 2 g L-1, furfural 0.5 

g L-1 and HMF 1.5 g L-1; filled diamonds, continuous line); Medium D (acetic acid 4 g L-1, furfural 0.25 g 

L-1 and HMF 0.75 g L-1; filled squares, continuous line). (b) Medium E (pretreated material 10 %; empty 



                                

 

triangles, continuous line); Medium F (pretreated material 20 %; empty circles, continuous line); Medium 

G (pretreated material 50 %; empty diamonds, continuous line). During these experiments a control 

condition with defined mineral media without inhibitors was also performed: (a) Control A (filled 

squares, dashed line) and (b) Control B (empty squares, dashed line). 

 

As shown in Figure 1a, in Medium A (acetic acid 2 g L
-1

, furfural 0.15 g L
-1

 and 

HMF 0.33 g L
-1

) L. starkeyi was able to grow even if with a lag phase of almost 20 

h. An increased concentrations of HMF and furfural until 0.5 and 1.5 g L
-1

, 

respectively, resulted in an extension of the lag phase (Medium B and C; Figure 1a). 

A further increase in the concentration of acetic acid from 2 to 4 g L
-1

 (Medium D) 

resulted in the suppression of the cell growth. Those reported in Figure 1a are 

representative growth curves. Additional kinetics were performed to evaluate the 

effect of single inhibitors as well as of intermediate concentrations: low acetic acid 

concentrations (around about 1 g L
-1

) were able to stimulate cell growth and higher 

concentration of furfural and HMF, compared to those used in Medium C, 

suppressed cell growth (data not shown). 

In Figure 1b it is possible to observe that 20 % of pretreated material (Medium F) 

was sufficient to produce a lag phase of almost 20 h and 50 % caused a suppression 

of cell growth (Medium G). This is interesting if we consider that concentrations of 

acetic acid, furfural and HMF used in Medium G were lower than those of Medium 

B. This suggests the presence in the pretreated material of others inhibitory 

compounds and underline once more the importance of the synergic effect of 

inhibitors. 

Overall, these preliminary experiments were useful in establishing the starting 

operative condition for the evolution strategies. 

 

 

 



                                

 

Shake flask evolution 

The evolution process in shake flasks was performed by adopting two different 

strategies. For the first strategy the medium was changed when cells reached the 

early exponential growth phase (~ 24 h), while for the second strategy the transfer 

was operated during the exponential growth phase (see Material and Methods for 

details). Consequently, in both strategies cells were systematically exposed to non-

metabolized forms of the inhibitors (e.g. non-reduced forms of the furaldehyde 

inhibitors) and this was expected to aid the development of inhibitor tolerance. 

Starting from this condition, the selection pressure (concentration of inhibitors or 

percentage of pretreated material) was progressively increased to select for 

improved phenotypes. 

A significant difference between the two strategies was related to the nature of the 

inhibition: in the first strategy, cells were grown in minimal medium added with 

inhibitory compounds (acetic acid, furfural and HMF) at different concentration, 

while in the second strategy the mineral medium was directly supplemented with 

different percentages of the liquid fraction of steam-pretreated Arundo donax. On 

the one hand the use of a mineral media with the addition of the inhibitory 

compounds of interest allows to evaluate the effect of every single compound and 

fine-tuning the inhibition. On the other hand, the use of pretreated material addresses 

the need to develop industrial yeasts strains that are tolerant to the cocktail of 

inhibitory compounds arising from biomass pretreatment. 

The majority of the batches was started with an initial OD660 of 0.2. Some batches 

were started with a lower inoculum size (OD660 ~ 0.1 or ~ 0.05). This because, as 

reported in literature [8], not only the concentrations of inhibitors but also the 

concentration of the initial biomass has a direct effect on the inhibitor conversion 

rate. Therefore a lower inoculum was used to select for cells with better 

detoxification capacity and/or cells with an improved tolerance [6]. 



                                

 

In both strategies already after 4 to 6 batches a reduction of the lag phase was 

observed. It was established that a marked reduction of the lag phase was taken as 

the signal to increase the selection pressure, by increasing either the concentration of 

inhibitors or the percentage of pretreated material. The first rounds of division after 

the transferring where characterized by a longer lag phase and a decrease of the 

growth rate, indicating the effect of severe conditions of stress for the cells. 

However, usually after 2 to 4 batches it was possible to restore the starting growth 

parameters.  

The first strategy (S1) was started using 2 g L
-1

 of acetic acid, 0.15 g L
-1

 of furfural 

and 0.3 g L
-1

 of HMF and ended after 68 round of evolution with 3 g L
-1

, 0.33 g L
-1

 

and 1 g L
-1

 of acetic acid, furfural and HMF, respectively. In the second strategy 

(S2), after 46 round of evolution the percentage of pretreated material was increased 

from 25 % to 45 %. 

At the end of each batch, spot assays were performed on plates with minimal 

medium and pretreated material or acetic acid, furfural and HMF. Once a week, 

these spot assay were used also to compare intermediate results of the two evolution 

strategies (Figure 2), as well as for storing samples in order to preserve a backup of 

intermediate evolution steps. The control strain was not included since as observed 

in preliminary experiments (data not shown) it was not able to grow on plates used 

for these comparative experiments. 

 

 

 

 



                                

 

Figure 2. - Spots assay of cells deriving from the two evolution strategies. 

Spot assay of cells deriving from S1 and S2 after 27 and 10 batch of evolution, respectively. (a) Plate with 

defined medium containing acetic acid 1 g L-1, furfural 0.25 g L-1 and HMF 0.5 g L-1. (b) Plate with 

defined medium containing pretreated material 30 %;  

 

In Figure 2 it is possible to observe that the strains deriving from the two evolution 

strategies were able to grow on both plates but with some differences depending on 

the adopted selective pressure. 

In particular, on plates with pretreated material (Figure 2b), cells derived from the 

S1 grew more slowly compared to cells of S2. Results were instead the opposite 

when cell where grown on plates with the addition of acetic acid, furfural and HMF 

(Figure 2a). 

This result underline how the experimental set up directly affects cells adaptation. 

After a total of 68 and 46 sequential batch cultivations, for the first and the second 

strategy, respectively, the experiment was ended and the pertinence and progress of 

the adaptation was evaluated. 

 

Evaluation of isolates deriving from repeated batch in shake flasks 

Upon conclusion of the adaptive evolution experiments, two isolates for every 

strategy (S1 and S2) were chosen for further analysis aimed to evaluate the results of 

adaptation. 

Three different comparison methods (from Method A to Method C; see Materials 

and Methods for details) were chosen to evaluate the performance of the isolated 

strains in the presence of inhibitory compounds. The comparison methods differed 

only in the increased number of re-inoculum in medium without inhibitory 

compound, aimed at discriminating between adaptation and a robust genetic 

inherited robustness. 



                                

 

The first set of experiments was performed with strains isolated from the first 

evolution strategy. Both the tested clones showed a significant variability in their 

performance during biological replicates (data not shown). In general, with Method 

A the adapted strains were always able to grow at similar levels, while the parental 

strain could not resume growth. Instead, a decreased growth capability was often 

observed with Method B and the growth profiles were similar to that of the parental 

strain with Method C. Because of this, they were not considered for further 

characterization,. 

The second set of experiments was performed with strains isolated from the second 

evolution strategy. Comparison experiments were performed on plate with different 

percentages of pretreated materials.  

Also in this case the increase in re-inoculum steps in defined media without 

inhibitory compounds lead to a decrease of the growth capability once strains were 

inoculated in presence of pretreated material. However, even after two or more re-

inocula the adapted strains showed a better growth capability compared to the 

parental strain. 

 

 

 

 

 

Figure 3. - Spot assay for the evaluation of the strain isolated though S2. 



                                

 

Spot assay of the parental strain (WT) and the adapted strain isolated from S2 after 92 (a) and 120 h (b). 

The adapted strain was cultivated according Method A (S2-A), Method B (S2-B) and Method C (S2-C). 

Plates were formulated with 20 % of pretreated material. 

 

As shown in Figure 3 after 96 and 120 h of incubation the strain derived from 

Method A showed a remarkable growth advantage compared to the parental strain. 

Increasing the number of re-inocula, the growth advantage despite significant, 

decreased. 

What is more important is that the same trend was observed during replicate 

experiments and also increasing the steps without inhibitors the growth advantage 

compared to the parental strain was always relevant. 

Despite interesting, these results underline how the selection protocol of the evolved 

strains was not adequate and how, in this experimental set up, it was adaptation to 

play a key role. 

 

Evolution on plate 

During shake flasks cultivations under batch mode it was possible to increase 

progressively the selection pressure. However, we observed that a targeted selection 

of the more robust clone was difficult to achieve. Therefore, cells originating from 

the S2 strategy were subjected to further evolution and selection on plate. In 

particular, three different evolution protocols (from SP1 to SP3) were tested (see 

Material and Methods for details). 

For the SP2 and SP3 strategies the growth on plate was preceded by a cultivation 

step in media without inhibitors. The aim was to select strains whose increased 

robustness was directly linked to genotypic mutations and not to an environmental 

adaptation. 

 



                                

 

 

 

Figure 4. - Representative image of plates deriving from the application of the different strategies. 

Cells deriving from SP3 (a) and SP2 (b) strategies after 144 h of incubation on plates with 25 % of 

pretreated material. 

 

In Figure 4 it is possible to observe a representative image of plates deriving from 

the application of the SP3 (a) and SP2 (b) strategies after 144 h of incubation. Cells 

were selected on agar plates containing 25 %, 35 % and 45 % (v/v) of pretreated 

material. The biggest colonies deriving from the harsh experimental condition were 

used for the next round of evolution. 

Independently from the applied strategy, after one round of evolution no growth was 

observed on plates with 35 % and 45 % of pretreated material. After 8 rounds of 

evolution it was possible to isolate a consistent number of colonies growing on 

plates with 35 % of pretreated material (SP1, SP2 and SP3) and few colonies 

growing on 45 % of pretreated material (SP2). 

In is important to notice that a direct comparison between shake flasks and plates 

experiments was not possible even if the same amount of pretreated material was 

used. In general, during plate experiments a stronger inhibitory effect of pretreated 

material was observed. This may be due to the lower oxygen availability and 

consequently affect cells detoxification capability. 



                                

 

After 8 rounds we started evaluating the progress of evolution on plate. 

 

Evaluation of isolates on plates 

The best clones deriving from the three evolution strategies on plate (SP1, SP2 and 

SP3), stored at – 80 °C, have been evaluated for their growth capability in shake 

flasks experiments. 

Comparison experiments were performed in 250 mL flasks (50 mL of liquid 

medium) at 30 °C, 220 rpm and pH 5.5 (buffered with citric acid), monitoring 

biomass over time (optical density). 

In particular, the best clone deriving from every strategy (named SP1a, SP2a and 

SP3a) was plated, together with the parental strain, into solid mineral medium. A 

single colony of each strain was used to inoculate shake flasks without inhibitors. 

Cells of the parental and adapted strains in exponential phase were then used to 

inoculate liquid cultures with 30 and 40 % (v/v) of pretreated material and their 

growth was followed over time (Figure 5). 

The same viability at 0 h was verified by a PI staining performed just after the shake 

flasks inoculum (data not shown). 

 

 

 

 

 



                                

 

Figure 5 – Growth profiles of L. starkeyi parental and evolved strains cultivated with different 

percentages of pretreated material. 

Growth curves (OD660 nm) of L. starkeyi parental and evolved strains during shake flasks experiments on 

30 (left panel) and 40 % (right panel) of pretreated material. During these experiments the parental strain 

(dashed line, empty squares) and the best clones deriving from SP1 (SP1a; continuous line, filled circles), 

SP2 (SP2a; continuous line, filled triangles) and SP3 (SP3a; continuous line, filled squares) were 

examined. 

 

As shown in Figure 5a with 30 % of pretreated material all the adapted clones were 

able to grow, while the parental strain could not resume growth even after 74 h of 

incubation. In particular, after 74 h clones deriving from the SP1, SP2 and SP3 

strategies were able to reach an OD of 5.3, 7.4 and 2.4, respectively. 

Instead, with 40 % of pretreated material (Figure 5b) only the clone derived from the 

SP2 strategy was able to grow, even if it was able to reach only an OD660 of 0.91 

after 74 h of incubation. 

To conclude, preliminary results suggests that all the tested clones derived from 

evolution experiments on plate have an higher tolerance to the inhibitory compounds 

contained in the pretreated material compared to the parental strain. 

 

 

CONCLUSION 

Through an adaptive laboratory evolution approach it was possible to isolate three L. 

starkeyi strains with an enhanced tolerance towards inhibitory compounds derived 

from the lignocellulosic biomass pretreatment. 

Comparison experiments as well as screening for more tolerant isolates are still 

ongoing. 

Since pretreated biomass contains a complex mixture of inhibitors, adaptation of the 

evolved strains could be a result of enhanced resistance to one or more of the 

inhibitors. 



                                

 

Because of new technologies including transcriptional profiling and massive next-

generation DNA sequencing (NGS), phenotype-genotype correlations could be 

obtained by whole genome resequencing (WGS), despite a good genome assembly 

is needed. Transcriptomic analysis could help in elucidate the mechanisms for 

enhanced tolerance in the isolated adaptive mutants. 

In conclusion, L. starkeyi natural capability to utilize a wide range of sugars 

associated with an increased tolerance to inhibitory compounds gained through 

adaptive evolution may contribute to render it a reliable microbial host for 

sustainable production of industrially relevant compounds. 

 

 

MATERIALS AND METHODS 

 

Strains and media 

L. starkeyi (DSM70295) was purchased from DSMZ. The yeast was stored in 

cryotubes at -80°C, in 20% glycerol (vv
-1

). 

Shake flasks experiments were carried out in minimal medium containing (per liter): 

1 g of yeast extract (0.114 g of nitrogen), 1.31 g of (NH4)2SO4 (0.278 g of nitrogen), 

0.95 g of Na2HPO4, 2.7 g of KH2PO4, 0.2 g of Mg2SO4·7H2O, 0.04 g. After the pH 

was adjusted to 5.5 using NaOH 4 M, the medium was supplemented with a 100X 

trace mineral stock solution consisting of (per liter): 4 g CaCl2·2H2O; 0.55 g 

FeSO4·7H2O; 0.52 g citric acid; 0.10 g ZnSO4·7H2O; 0.076 g MnSO4·H2O; and 100 

μL of 18M H2SO4. Glucose and xylose were used as carbon and energy sources at 

the final concentration of 10 g L
-1

 each. For the evolution experiments the inhibitor 

cocktail (acetic acid, furfural and HMF) or the pretreated material (Arundo donax) 

were added to minimal media to achieve the desired concentrations. 



                                

 

Yeast extract was provided by Biolife Italiana S.r.l., Milan, Italy. All the others 

reagents were provided by Sigma-Aldrich Co., St Louis, MO, USA. 

 

Pretreated material 

Arundo donax was obtained from Mossi & Ghisolfi (Italy) and consisted of the non-

detoxified liquid fraction of steam-pretreated Arundo donax. 

The pretreated material was diluted to different concentrations (% v/v) with defined 

mineral medium according to the experimental requirements. 

The major inhibitory compounds of the hydrolysate before dilution were (g L
-1

): 

acetic acid 4.15, furfural 0.27 and HMF 0.25. The pH of the material was 3.9 and 

was adjusted to 5.5 with 8 M NaOH prior to use. 

 

Shake flask evolution experiment: cultivation conditions 

Starting from a fresh YPD agar plate, a single colony of the parental strain was used 

to inoculate a 100 mL flask with 20 mL of defined medium. The pre-culture was 

grown overnight and once exponential growth phase was reached the appropriate 

volume from the pre-culture was used to inoculate the evolution flasks at the OD660 

of 0.2. 

Evolution experiments were conducted in 100 mL (strategy one) or 250 mL 

(strategy two) Erlenmeyer flasks containing 50 mL or 20 mL of liquid medium, 

respectively. 

For all the shake flasks cultivations the temperature was set at 30 °C and stir at 220 

rpm. The pH of the medium was adjusted to 5.5 with 8 M NaOH and then 

maintained using a citrate buffer solution pH 5.5 at the final concentration of 0.1 M. 

Cell growth was followed by measuring every day the OD of the culture broth at 

660 nm. 



                                

 

Possible contamination of the cultivation was checked by ocular inspection at the 

microscope. 

After each round, spot assays were performed and cell samples were withdrawn and 

stored in glycerol vials at - 80°C for further evaluation. 

 

Shake flask evolution experiment: strategy one (S1) 

According to preliminary experiments, the initial inhibitors concentration was set at 

2 g L
-1

 of acetic acid, 0.15 g L
-1

 of furfural and 0.3 g L
-1

 of HMF. 

The first strategy consisted in serial transfer of the cells every 24 h, when cells were 

in the early exponential growth phase (corresponding to the beginning of the growth 

phase in which cells divided as fast as possible, according the experimental 

conditions.). 

Depending on the yeast growth, the concentration of inhibitors was further increased 

when an adaptive event (reduced lag phase and/or increased specific growth rate) 

was observed. 

With this strategy, every 24 h the appropriate volume of culture was used to 

inoculate fresh medium (with inhibitors) to a target OD660 of 0.2. Due to the 

impossibility to follow the cells during the weekend, after four serial transfer (one 

every 24 h) cells were used to inoculate at 0.2 OD660 three shake flasks with 

different concentrations of inhibitors. The flasks were then incubated over-weekend 

and after 72 h the flask with the highest amount of inhibitors and in which the cells 

were able to grow was used as inoculum for the new week of evolution. 

This experiment was conducted for 68 round. 

 

 

Shake flask evolution experiment: strategy two (S2) 



                                

 

According to preliminary experiments, the initial amount of pretreated material was 

set at 20 % (v/v). In this strategy cells were serially transferred to subsequent shake 

flasks after the exponential phase was reached (corresponding to the growth phase in 

which cells divided as fast as possible, according the experimental conditions). 

Depending on the yeast growth capability, the percentage of pretreated material was 

further increased when an adaptive event (reduced lag phase and/or increased 

specific growth rate) was observed. 

With this strategy, every 24 to 72 h the appropriate volume of culture was used to 

inoculate fresh medium (with pretreated material) to a target OD660 of 0.2. 

This experiment was conducted for 46 round. 

 

Evolution on plate 

Evolution on plate was performed only for cells derived from the S2. In particular, 

three different methods (from SP1 to SP3) were followed. 

Method SP1: this method started from the last spot assay performed with the S2. 

Single colonies were used to inoculate sterile tubes with 4 mL of defined medium. 

The tubes where than incubated for ~ 24 h at 30 °C and 220 rpm. Cells in 

exponential growth phase were utilized to perform a spot assay on plates with 25, 35 

and 45 % of pretreated material. The single colonies deriving from the most stressful 

condition were used to repeat the method. 

Method SP2: this method is similar to the method SP1. However, instead of 

inoculate colonies deriving from the spot assay in sterile tubes with fresh medium, 

the colonies are re-suspended in water and used to perform a new spot assay on 

plates with 25, 35 and 45 % of pretreated material. 

As for the previous method, single colonies deriving from the most stressful 

condition were used to repeat the method. 



                                

 

Method SP3: also this method started from the last spot assay performed with the 

S2. Single colonies were used to inoculate sterile tubes with 4 mL of defined 

medium. The tubes where then incubated at 30 °C and 220 rpm. After 8 h the 

OD660 was measured, normalized at 0.5, serial 1 to 10 dilutions were performed 

and finally 200 μL were plated on solid mineral medium with different percentages 

of pretreated material (25, 35 and 45 %). The single colonies deriving from the most 

stressful condition were used to repeat the method. 

 

Evaluation of adaptive mutant strains 

Three different comparative methods (from A to C) were performed to evaluate the 

robustness to inhibitory compounds (or pretreated material) of the strains derived 

from the different evolution strategies compared to the parental strain. 

Method A: cells of the parental and of the evolved strains were used to inoculate at 

OD660 0.2 flasks containing defined medium and defined medium with inhibitors 

(or pretreated material), respectively (step one). After 24 h of incubation this step 

was repeated (step two). After the second step, the appropriate volume of cells was 

used to inoculate at OD660 0.2 flasks containing inhibitors (or pretreated material) 

(step three). 

Method B: the first step was same of method A (step one). Cells of both evolved and 

parental strains were then used to inoculate at OD660 0.2 flasks containing defined 

medium (step two). After 24 h of incubation the appropriate volume of cells was 

used to inoculate at OD660 0.2 flasks containing inhibitors (or pretreated material) 

(third step). 

Method C: this method was almost identical to method B. The only difference was 

that the second step consisting of 24 h of cultivation on defined medium was 

repeated twice. 

 



                                

 

 

 

 

 

Figure 6. - Schematic representation of the comparison methods. 

Methods used to compare the parental strain (WT) and isolates from the evolution strategy 1 and 2 (S1 or 

S2). White flasks: flasks with mineral medium and without inhibitors. Brown flasks: flasks with mineral 

medium and inhibitory compounds (acetic acid, furfural and HMF) or pretreated material. 

 

During these experiments cell growth was followed by measuring the OD over time 

and obtained values were used to determine the duration of the lag phase and the 

specific growth rate for each condition. Moreover, before the last step of every 

method, cells were collected and stained with propidium iodide (PI) to detect 

severely damaged/dead cells by flow cytometer (see below). 

The same comparison methods were also performed by changing the final step in 

flask with spot assay on plates containing inhibitory compounds or pretreated 

material. 

 



                                

 

Analytical methods 

The optical density was measured at 660 nm (OD660) with a Shimadzu UV-1800 

spectrophotometer (Shimadzu Corporation). Samples collected at different times 

were centrifuged at 14000 rpm for 10 min. Glucose and xylose concentrations were 

HPLC determined using a Rezex ROA-Organic Acid (Phenomenex). The eluent was 

0.01 M H2SO4 pumped at 0.5 mL min
-1

 and column temperature was 35 °C. 

Separated components were detected by a refractive-index detector and peaks were 

identified by comparing with known standards (Sigma-Aldrich, St Louis, MO, 

USA). Analysis of HMF and furfural was performed using a C-18 column. The 

eluent was a gradient of mqH2O at pH 3.5 (using HCl 6 M) and Acetonitrile. 

Biomass was harvested by centrifugation of the culture samples at 4000 rpm for 10 

min. The pellets were then washed twice with distilled water and dried at 40 °C 

(Concentrator 52301, Eppendorf, Germany) until a constant weight was obtained. 

 

Flow cytometric analysis 

Dead or severely compromised cells were detected by Propidium Iodide (PI, Sigma-

Aldrich CO., St. Louis, MO, USA) staining. Briefly, cell were washed twice with 

buffer (TrisHCl 50 mM, MgCl2 15mM, pH 7.7), resuspended in a PI solution (0.23 

mM), incubated in the dark on ice for 20 min and then analyzed by flow-cytometry. 

Samples were analyzed using a Beckman Coulter FC-500 flow cytometer (Beckman 

Coulter, Fullerton, CA, USA) equipped with an Argon ion laser (excitation 

wavelength 488 nm, laser power 20 mW). The fluorescence emission was measured 

through a 670 nm band pass filter (FL4 parameter) for PI signal. The sample flow 

rate during analysis did not exceeded 500 cells/s. A total of 25.000 cells were 

measured for each sample. Data analysis was performed afterwards with Cyflogic 

software (PerttuTerho, Mika Korkeamäki, CyFlo Ltd). 
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ABSTRACT 

The ability of Zygosacchromyces bailii to grow at low pH and in the presence of considerable amounts of weak 

organic acids, lethal condition for Saccharomyces cerevisiae, increased the interest in the biotechnological 

potential of the yeast. To understand the mechanism of tolerance and growth effect of weak acids on Z. bailii, we 

evaluated the physiological and macromolecular changes of the yeast exposed to sub lethal concentrations of lactic 

acid. Lactic acid represents one of the important commodity chemical which can be produced by microbial 

fermentation. We assessed physiological effect of lactic acid by bioreactor fermentation using synthetic media at 

low pH in the presence of lactic acid. Samples collected from bioreactors were stained with propidium iodide (PI) 

which revealed that, despite lactic acid negatively influence the growth rate, the number of PI positive cells is 

similar to that of the control. Moreover, we have performed Fourier Transform Infra-Red (FTIR) 

microspectroscopy analysis on intact cells of the the same samples. This technique has been never applied before 

to study Z. bailii under this condition. The analyses revealed lactic acid induced macromolecular changes in the 

overall intracellular protein secondary structures, and alterations of cell wall and membrane physico-chemical 

properties. 
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INTRODUCTION 

 

The yeast Zygosaccharomyces bailii is well-known 

to be responsible for major spoilage losses in the 

food and beverage industry (Fleet 2007). This 

spoilage nature is explained by its remarkable 

ability to grow in harsh environments such as high 

osmotic pressure, low pH, low water activity, and 

high concentration of weak organic acids (Thomas 

and Davenport 1985; James and Stratford 2011). 

These same traits have drawn attention to Z. bailii 

as a potential cell factory for production of 

biomolecules (Branduardi et al., 2004; Sauer et al., 

2004; Vigentini et al., 2005). Although initial 

studies focused on understanding tolerance to weak 

organic acids with a view to controlling the yeast in 

food spoilage, more recent work aims to dissect the 

mechanisms of tolerance to acids such as acetic and 

lactic acid to facilitate exploitation for 

biotechnological applications. Lactic acid is of 

particular relevance as it represents an important 

commodity chemical that can be produced by 

microbial fermentation as reviewed by (Sauer et al., 

2010; Becker et al 2015).  

Most of our understanding of the toxicity of weak 

organic acids to yeast cells, and the cellular 

response, comes from studies on the model yeast 

Saccharomyces cerevisiae. The lipophilic nature of 

most undissociated organic weak acids (Lambert 

and Stratford 1999) allows them to diffuse across 

the semi-permeable cell membrane. The ratio of 

undissociated:dissociated acid, and hence degree of 

diffusion into the cell,  increases with decrease of 

external pH.  Once inside of the cell where the 

cytoplasmic pH is close to neutral, the weak acid 

dissociates to a proton and respective anion. The 

presence of proton acidifies the internal pH causing 

inhibition of most metabolic processes, and the 

released anions may have additional toxicity 

causing programmed cell death (Ullah et al., 2012; 

Zhao et al., 2008; Russel et al., 1992). Various 

multiple responses is detected in S. cerevisiae to 

tolerate weak acid toxicity, most pronounced 

among them is activation of H+-ATPases present in 

the plasma and vacuolar membranes to stabilize of 

internal pH, cell wall and membrane remodeling to 

decrease fluidity thus preventing/decreasing 

undissociated weak acid diffusion, alteration in 

central carbon metabolism to increase ATP pool, 

anion extrusion through MDR-MFS transporters. 

The mechanism of acetic acid toxicity, model 

organic acid for stress response studies, has been 

extensively studied in the yeast S. cerevisiae (Paiva 

et al., 2004; Mira et al., 2010; Nygård et al., 2013).  

Remarkably, different weak acids may have 

different physiological and morphological 

responses (Stratford et al., 2013), differing also 

among diverse yeasts.   

There have been several studies in Z. bailii, focused 

on acetic acid tolerance due to its common use as a 

weak acid preservative and ubiquitous inhibitor in 

industrial fermentation (Lindberg et al., 2013; 

Sousa et al., 1998; Guerreiro et al., 2012; 

Rodrigues et al., 2012). The reports suggest diverse 

weak acid toxicity responses of Z. bailii, during 

acetic acid exposure. Among them the cell 

membrane modulation to decrease weak acid 

diffusion and acid uptake through active transport, 

allowing dose dependent uptake of acetic acid, thus 

preventing oversaturation of acetic acid in the cell 

and its high toxicity (Sausa et al., 1996; Lindberg et 

al., 2013; Rodrigues et al., 2012). In addition, Z. 

bailii can utilize acetic acid as an extra carbon 

source in the presence of glucose, suggesting that 

under certain conditions Z. bailii may even benefit 

from the presence of the acid. This simultaneous 

co-consumption of glucose and acetic acid possible 

because Z. bailii acetyl-CoA synthetase is not 



subject to glucose repression (Guerreiro et al., 

2012; Rodrigues et al., 2004., 2012).  

Being the product of interest in industrial 

fermentation and food acidulant, lactic acid 

represents great interest.  Lactic acid possess 

general weak acid inhibition effect in yeast, 

affecting internal cell pH, acidification, and ROS 

accumulation. However, low amount of lactic acid 

has beneficial effect due to its buffering capacity, 

but with increase of concentration the effect 

disappears (Dang et al., 2009; Nugroho et al., 

2015).   

In this study we investigated the physiological and 

macromolecular responses of Z. bailii exposed to 

lactic acid stress at low aeration and pH. Bioreactor 

fermentation profile, propidium iodide staining and 

Fourier Transform Infrared microspectroscopy 

(FTIR) analysis were chosen to study the growth 

performance and the cellular response of Z. bailii to 

lactic acid at various time points. The study 

revealed significant phenotypic response of Z. bailii 

to lactic acid, moreover exposure to lactic acid 

induce macromolecular changes, which are 

augmented by time. 

 

 

MATERIALS AND METHODS 

 

Cell cultivation 

The Z. bailii strains ATCC36947, ATCC60483, 

ATCC8766 and ATCC for convenience named 

Zb1, Zb2, Zb3 and Zb4 were used. The S. 

cerevisiae laboratory CEN.PK113-7D (obtained 

from Kötter P, Institut fur Mikrobiologie der 

Johann Wolfgang Goethe Universitat, Frankfurt, 

Germany) and commercial alcohol yeast (Dry 

Ethanol Red®; Fermentis, Marcq-en-Baroeul, 

France) strains were used.  The cells were stored at 

-80°C in YPD glycerol stock. For liquid cultivation, 

the cells were pre-grown on YPD plates (20 gL-1 

peptone, 10 gL-1 yeast extract, 20 gL-1 glucose, 20 

gL-1 agar). Phosphate – citrate buffer at pH 3 was 

used for buffering the flask fermentation. All liquid 

cultures were grown on at 30°C on synthetic 

minimal Verduyn medium (Verduyn et al., 1992). 

Pre-culture for microaerobic bioreactor batch 

cultivation was prepared by transferring one full 

loop of cells from YPD plate to 20 mL Verduyn 

medium in 125 mL flask. The flasks were 

incubated at 160 rpm at 30°C overnight. The 

culture from first flask pre-culture was re-

inoculated into 50mL Verduyn medium in 250 mL 

flask at OD660nm 1.5 and let it grow for 4-5 hours 

until OD660nm 4. The inoculum for the bioreactor 

cultivation was harvested at 3000g for 3 min at 

20°C and resuspended in 20 mL of sterile ddH2O, 

and aseptically added to the bioreactor. 

 

Microaerobic bioreactor cultivation 

Bioreactor experiment were performed in 2L 

volume bioreactors (BIOSTAT B, Sartorius AG, 

Germany) with operative volume of 1.5L. Zb2 was 

cultivated in 2x Verduyn medium containing 40 gL-

1 glucose with 40 gL-1 lactic acid or no lactic acid. 

The cells were grown to mid exponential phase and 

inoculated to the bioreactor, to final absorbance of 

OD660 0.1. The temperature was maintained at 

30°C, pH at 3 by addition of 4M NaOH and the 

stirrer speed was setup to 400 rpm. The inlet gas 

flow was adjusted by two mass flow controllers 

(Bronkhornst®High Tech- EL-FLOW®Select). 

The mass flow was setup to mixture N2 and air with 

final concentration of inlet oxygen 5%.  The 

mixture was sparged at 0.75 vvm. Antifoam 

(Antifoam 204, Sigma Aldrich) was used for 

foaming control. A minimum of 3 independent 

cultivations were performed per each condition 

(Table 1). 



The concentration of produced CO2 was monitored 

by on-line gas analyzer (Omnitec). The gas 

analyzer was always calibrated 24 h before starting 

the cultivation using synthetic air containing 

defined concentration of CO2.  

Samples (20 mL) were collected regularly from the 

bioreactor in vials; 1 mL was used for OD660nm 

measurement, after appropriate dilution; 1 mL was 

centrifuged at 4°C, 14.000 rpm for 5 min and 

supernatants were collected and stored at −20°C for 

later determination of extracellular metabolites 

concentrations.  

 

Dry cell weight 

The dry weight of the cell mass was measured per 

each sampling by washing samples in ddH2O and 

pelleting the cells. The cell pellets were dried in 

vacuum concentrator using default mode 

(Concentrator 5301, Eppendorf, Germany) before 

measuring. 

 

Extracellular metabolite quantification 

Residual glucose, ethanol and lactic acid were 

determined via high-performance liquid 

chromatography (HPLC, Model 1100, Agilent 

Technologies) using Aminex HPX-87H ion 

exchange column 300 mm ×7.8 mm (Bio-Rad) 

thermostated at 45°C. The mobile phase was 5 mM 

sulphuric acid with a flow of 0.5 mlmin-1. Lactic 

acid was detected with an UV-detector at 210 nm. 

Glucose and Ethanol were detected with a RI 

detector. 

 

Propidium iodide staining and flow cytometry 

For identification of dead/severely compromised 

cells, cells were washed three times (Tris-HCl 50 

mM, MgCl2 15 mM, pH 7.7) and resuspended in 

propidium iodide (PI, Sigma-Aldrich CO., St. 

Louis, MO, USA) solution 0.23 mM, incubated on 

ice for 20 min. Positive and negative controls were 

also prepared. In particular, positive control was 

prepared by killing cells with ice cold ethanol 

(percentage? Time?). Samples were then analyzed 

using a CYTOMICS FC 500 flow cytometer 

(Beckman Coulter, Fullerton, CA, USA) equipped 

with an Argon laser (excitation wavelength 488 

nm, laser power 20 mW). The fluorescence 

emission was measured through a 670 nm long pass 

filter (FL4 parameter) for PI signal. The sample 

flow rate during analysis did not exceed 600–700 

cells/s. Threshold settings were adjusted so that the 

cell debris was excluded from the data acquisition; 

25000 cells were measured for every sample. Data 

analysis was performed afterwards with Cyflogic 

1.2.1 software (©Perttu Terho & ©CyFlo Ltd). 

 

FTIR microspectroscopy analysis 

The bioreactor cultivated intact cells of Z. bailii 

were collected at 18, 24 and 40 hours. The cells 

were washed three times in distilled water to 

eliminate medium contamination. Approximately 3 

μl of the cell suspensions were then deposited onto 

an IR transparent BaF2 support, and dried at room 

temperature for at least 30 minutes to eliminate the 

excess water. 

FTIR absorption spectra were acquired in 

transmission mode, between 4000 and 700 cm-1, by 

means of a Varian 610-IR infrared microscope 

coupled to the Varian 670-IR FTIR spectrometer 

(both from Varian Australia Pty Ltd), equipped 

with a mercury cadmium telluride (MCT) nitrogen-

cooled detector. The variable microscope aperture 

was adjusted to ~ 100 μm × 100 μm. Measurements 

were performed at 2 cm-1 spectral resolution; 25 

KHz scan speed, triangular apodization, and by the 

accumulation of 512 scan co-additions.  

Second-derivatives spectra were obtained following 

the Savitsky-Golay method (third-grade 



polynomial, 9 smoothing points), after a binomial 

13 smoothing points of the measured spectra (Susi 

and Byler 1986), using the GRAMS/32 software 

(Galactic Industries Corporation, USA). 

To verify the reproducibility and reliability of the 

spectral results, three independent preparations 

were analyzed and for each preparation at least ten 

spectra for sample were measured. 

In the Figures, reported data are representative of 

the independent experiments performed. 

 

 

RESULTS AND DISCUSSION 

 

Establishing the suitable lactic acid 

concentration to investigate the effects on Z. 

bailii cells 

Four Z. bailii strains (see Materials and Methods) 

obtained from ATCC collection were tested by 

plate assay experiment using different 

combinations of weak acids at pH 3 on Verdyun 

minimal medium to identify the best strain to be 

further studied for lactic acid tolerance. In addition, 

laboratory and industrial S. cerevisiae strains were 

included for comparison. The cells were pre-grown 

on YPD media until exponential phase and drop 

plated at 10, 10-1, 10-2, 10-3 dilution. No difference 

in yeast growth were observed in control plates 

without weak acid addition (data not shown). When 

evaluated for lactic acid tolerance (Figure 1A and 

1B), other than Zb4 all strains were only minimal 

affected by 40 gL-1 of lactic acid.  At 80 gL-1 lactic 

acid only Zb2 and Zb3 showed growth, and even 

those strains were strongly inhibited by this 

condition. Next, the effects of acetic acid and a 

combination of acetic acid and lactic acid were 

assessed (Figure 1C and 1D). At 5 gL-1 of acetic 

acid, growth of Z. bailii Zb4 and the two S. 

cerevisiae strains was completely inhibited, 

whereas Z. bailii strains Zb1, Zb2 and Zb3 were 

unaffected. No synergistic or additive inhibitory 

effects of 40 gL-1 lactic acid and 3 gL-1 acetic acid 

on any of the strain were observed (Figure 1, D). 

Overall, these results highlight the superior weak 

acid tolerance relative to S. cerevisiae of Z. bailii 

strains to weak organic acids and suggest that 

different mechanisms are likely to be involved in 

tolerance to specific acids (compare the profile of 

Zb1 with Zb2 or Zb3). Strain Zb2 showed high 

levels of tolerance and this particular strain was 

previously reported to be amenable to genetic 

manipulation (Dato et al., 2010; Passolunghi et al., 

2010), Zb2 was therefore chosen for subsequent 

detailed tests on the effects of lactic acid. 

Preliminary shake flask fermentations of Zb2 using 

Verduyn medium at pH 3 with different 

concentrations of lactic acid were carried out to 

assess sensitivity to the stressor in liquid medium 

(Supplementary material, Figure S1). Growth was 

not significantly impaired at 40 gL-1 lactic acid but 

was strongly reduced at 60 or 80 gL-1 lactic acid. 

Interestingly, growth was actually stimulated by 20 

gL-1 lactic acid. This may be attributed to a 

buffering effect of the weak organic acid, which 

may mitigate acidification of the growth medium 

caused by yeast growth. At higher concentrations, 

the toxic effect of the acid would dominate over 

this mild buffering. In addition, we performed 

propidium iodide staining analysis to evaluate the 

percentage of damaged cells under these test 

conditions (Supplementary material, Figure S2). In 

comparison to the control condition, there was only 

little difference in the percentage of PI positive 

cells at 18 and 22 hours (5-15%) for cultures grown 

with 20 gL-1 and 40 gL-1 lactic acid, indicating little 

cellular damage, whereas cells treated with 60 gL-1 

and 80 gL-1 lactic acid show a high percentage of PI 

positive cells, which is a clear evidence these or 



higher concentrations significantly affect the cell 

viability. Based on these data, 40 gL-1 lactic acid 

was selected as the optimum sub-lethal lactic acid 

concentration for further tests. It should be noted 

that as the pKa of lactic acid is 3.86, according to 

Henderson-Hasselbalch equation the total 

concentration of undissociated lactic acid in the 

medium was approximately 34.5 gL-1.  

 

Effects of lactic acid on the growth and 

metabolic profiles of Z. bailii during 

microaerobic bioreactor fermentation 

Bioreactor cultivation, in addition of allowing a 

precise monitoring and control of fermentation 

parameters, better represents industrial conditions. 

Therefore experiments to assess the effect of 40 gL-

1 lactic acid on strain Zb2 were performed in a 2L 

bioreactor (see Material and Methods for growth 

conditions). Cells were inoculated from overnight 

cultures at OD 0.1 and growth, as monitored by the 

production of CO2, commenced after 5-8 hours of 

adaptation to the new environment (Figure 2). The 

similar lag phase, regardless of the 

presence/absence of lactic acid, suggests that a 

specific pre-adaption to lactic acid is not required. 

Nevertheless, it was noted that there was an effect 

on growth rate and yield (Figure 2), detailed with 

biomass and metabolite profiles in Figure 3.  Cells 

grown in presence of lactic acid (40 gL-1) exhibited 

a 25% reduction in growth rate (0.19h-1 ±0.012 vs 

0.14h-1±0.017) and a 15% reduction in final 

biomass titer (5.833gL-1±0.16 vs 5.54gL-1±0.21). 

Also the specific glucose consumption rate 

decreased of 13% reduction in lactic acid treated 

cells in comparison to control (1.38g 

gDCWˉ¹hˉ¹±0.05 vs 1.15g gDCWˉ¹hˉ¹±0.07). The 

reduction in growth rate and yield under bioreactor 

conditions is consistent with the described effects 

of other organic acids in yeast and in part may be 

attributable to the energetic cost of maintaining pH 

homeostasis by pumping H+ ions from the 

cytoplasm using the plasma membrane ATPase, 

which requires energy for its activity in one proton 

per ATP rate (van der Rest et al., 1995; Stratford 

and Anslow 1996). However we should not exclude 

other intracellular effects of lactic acid, which may 

contribute to overall growth inhibition. Indeed, the 

reduction in the glucose consumption and growth 

rate can be else ascribed to a general conservative 

response, including a decrease in protein synthesis 

and inhibition of glycolytic enzymes activity in 

yeast (Pearce et al., 2001). Despite the difference in 

biomass yield, the presence of lactic acid under our 

experimental setting did not influence ethanol 

fermentation. In other words, weak acid stressed 

cells prefer fermentative carbon utilization, which 

may be due to higher energy demand at O2 

limitation and/or lactate induced oxidative stress 

which affect mitochondria (Table 2) (Sousa et al. 

2012). After glucose depletion, the residual ethanol 

was slowly consumed, contributing to slight 

increase of biomass observed starting from 28 

hours on, in both conditions.  

S. cerevisiae is able to consume lactic acid through 

mitochondrial L-lactate ferricytochrome c 

oxidoreductase (L-LCR) and D-lactate 

ferricytochrome c oxidoreductase (D-LCR) 

activities (Lodi and Ferrero 1992), encoded by 

genes that are targets for glucose repression and 

highly depended on aeration. Comparable studies 

are not present in literature for Z. bailii. In our 

experimental setting, only a slight decrease of lactic 

acid concentration was detected (Figure 3), 

possibly because of lactic acid influx into the cell, 

even when glucose was exhausted in the medium. 

At high aeration condition, Zb2 consumed lactic 

acid after glucose depletion (data not shown). The 

consumption of lactic acid only under conditions of 



high aeration and glucose depletion suggests that 

comparable mechanisms are involved in Z. bailii 

and S. cerevisiae. During fermentation, control 

cultures used around 30 mL of NaOH base for pH 

maintenance, while cells grown with lactic acid 

barely used 1 mL NaOH. This confirms the 

indication deriving from the shake flask 

experiments (Supplementary material, Figure S1) 

of the lactic acid buffering effect. As with the shake 

flask experiment, growth is not promoted in media 

with 40 gL-1 lactic acid because of the more 

dominant inhibitory effects. Interestingly, no acetic 

acid accumulation was observed in both conditions 

at low aeration, which is very likely in agreement 

with previous reports describing Z. bailii for its 

ability to consume acetic acid even at presence of 

glucose and microaerobic condition (Sousa et al., 

1998, Rodrigues et al., 2012).  

The viability/integrity of cells recovered from 

bioreactors with and without lactic acid treatment 

was assessed using propidium iodide (PI) staining 

(Figure 4). There were no major differences in the 

percentage of PI positive cells between control and 

treatment conditions, confirming the data obtained 

in shake flasks (Supplementary material, Figure S1) 

and supporting the explanation that an increased 

energy burden rather than a toxic effect is 

responsible for the slight reduction in growth rate 

and yield seen in treated cultures (Figure 3). The 

minor differences in PI positivity measured at 12h, 

were no longer apparent at 18 h. There was an 

increase in the percentage of damaged cells from 

~12% to ~20% between 18 h and 42 h and this is 

likely to be due to glucose starvation and ethanol 

exposure.  

 

FTIR microspectroscopy analysis of Z. bailii 

reveals gradual macromolecular changes during 

exposure to lactic acid 

The results obtained from PI staining indicate that 

40gL-1 lactic acid has no obvious cell damaging 

property on this strain, which may be a 

consequence of some cellular adaptation. 

To investigate possible effects of lactic acid on the 

cell molecular composition and structure, we used 

Fourier transform infrared (FTIR) 

microspectroscopy. Intact Z. bailii cells were 

collected at 18, 24 and 40 hours after inoculation, 

respectively, corresponding to the early, late 

exponential, and the stationary phases of growth, 

and analyzed by FTIR microspectroscopy. As an 

example, in Figure 5 we reported the measured 

absorption spectrum of Z. bailii cells, grown in the 

absence of lactic acid, at 24 hours after the 

inoculation. As illustrated, the spectrum is due to 

the overlapping absorption of multiple components 

representing the different specific cellular 

macromolecules. Therefore, to better resolve the 

absorption bands, an essential prerequisite for the 

identification of peak positions and for their 

assignment to the different biomolecules (Susi et 

al., 1986), we analyzed the second derivative 

spectra. The amide I band (Figure 6a), between 

1700 and 1600 cm-1, principally gives information 

on the whole cell protein secondary structures and 

aggregation (Tamm and Tatulian 1997; Barth 

2007). In early exponential phase, there are no 

differences observed between the treated and 

untreated cells. The spectra are dominated by a 

band at ~1657 cm-1, mainly due to alpha-helix and 

random-coil structures, and by a band at ~1638 cm-

1, due to intramolecular native beta-sheets. 

Moreover, two minor absorption at ~1692 cm-1 and 

~1685 cm-1 were present, respectively due to beta-

sheet and beta-turn structures (Tamm and Tatulian 

1997; Barth 2007). As the cells entered later 

exponential and stationary phase there were only 

minor changes to the whole cell protein structure 



seen in the untreated cells. Indeed, in the late 

exponential phase we observed only the appearance 

of two well resolved absorption at ~1690 cm-1 and 

~1680 cm-1, respectively assigned to beta-sheets 

and beta-turns. More pronounced changes were 

instead evident in the treated cells. In late 

exponential phase, we detected a minor but 

significant reduction in the intensity of the alpha 

helix/random coil and of the native beta-sheet 

absorption, accompanied by the appearance of a 

shoulder around 1627 cm-1, mostly due to 

intermolecular beta-sheets, typical of protein 

aggregates (Seshadri, S., Khurana, R., Fink, A.L. 

1999). Moreover, the upshift of the ~1690 cm-1 

beta-sheet absorption to ~1694 cm-1 again 

indicates the presence of proteins with 

intermolecular beta-sheets. These changes were 

even more evident in the stationary phase 

consistent with a progressive effect of the exposure 

to lactic, and possibly ethanoloic stress on protein 

structure and folding. 

Next we explored the IR response between 1500-

1200 cm-1 (Figure 6b), mainly due to the absorption 

of the lipid hydrocarbon tails and head groups. In 

particular, the second derivative spectrum of the 

unchallenged cells is characterized by several 

bands mostly due to CH3 and CH2 deformations 

arising from lipid hydrocarbon tails (Casal and 

Mantsch 1984.; Arrondo and Goñi 1998). In 

addition, two spectral components were present at ~ 

1397 cm-1 and ~ 1387 cm-1, respectively due to the 

CH3 bending vibration of the N(CH3)3 head group 

of phosphatidylcholine (PC) and to the CH3 

deformation mainly arising from ergosterol 

(Levchuk 1968; Casal and Mantsch 1984). Finally, 

a broad band at ~1248 cm-1 was also observed, due 

to the PO2- stretching mode of phospholipids and 

nucleic acids (Casal and Mantsch 1984; Banyay et 

al., 2003). There were no major alterations in the 

lipid components of lactic acid – treated cells in the 

early exponential phase but in the later exponential 

and stationary phase some important changes were 

detected. Lactic acid induced an important 

reduction in the intensity of the ~1400 cm-1 band, 

marker of PC (phosphatidylcholine). In later 

growth, that was accompanied by a slight increase 

of the ergosterol component at ~ 1386 cm-1, though 

this change was less evident in stationary phase. 

Next, we analyzed the spectral range between 

3050-2800 cm-1 (Figure 6c) that is mainly due to 

the stretching vibrations of the lipid hydrocarbon 

tails (Casal and Mantsch 1984; Arrondo and Goñi 

1998). In particular, the spectrum of cells grown in 

absence of lactic acid is characterized by four well 

resolved bands due to the CH2 (at ~2921 cm-1 and 

2851 cm-1) and CH3 (at ~2958 cm−1 and 2872 cm−1) 

absorption. In addition, a low intensity band was 

detected at ~ 3007 cm-1, due to the olefinic =CH 

groups in acyl chains (Casal and Mantsch 1984). 

Lactic acid treated cells displayed very similar 

spectral features to those detected in not exposed 

cells, suggesting that membrane lipids were not 

significantly affected by the exposure to the 

stressing agent in the exponential phase of growth. 

In stationary phase cells exposed to lactic acid 

displayed a slightly lower intensity of the lipid 

hydrocarbon tail CH2 bands (~ 2920 cm-1 and 

~2851 cm-1) compared to cells grown in absence of 

lactic acid, which could reflect a decrease of the 

acyl chain length on lipids. 

We finally analyzed the complex range between 

1200-900 cm-1 (Figure 6d), dominated by the 

absorption of carbohydrates, with additional 

overlapping contributions of phosphate groups 

mainly from phospholipids and nucleic acids (Casal 

and Mantsch 1984; Kačuráková and Mathlouthi 

1996; Banyay et al., 2003). The analysis of this 

spectral range can provide information on cell wall 



properties that involve in particular the yeast 

envelope carbohydrate composition (Galichet et al., 

2001; Zimkus et al., 2013). The second derivative 

spectrum of Z. bailii cells not exposed to lactic acid 

is characterized in particular by the simultaneous 

presence of three absorption at ~1156 cm-1, ~1081 

cm-1 and ~1022 cm-1, altogether marker of glycogen 

(Naumann 2000). We should note that β(1-3) 

glucans, as well as absorbing at ~1103 cm-1, can 

have overlapping contributions with glycogen at 

~1156 cm-1 and at ~1081 cm-1 (Galichet et al., 

2001; Zimkus et al., 2013). The two bands at ~1042 

cm-1 and ~966 cm-1 are mainly assigned to mannans 

(Galichet et al., 2001; Zimkus et al., 2013). Even in 

early exponential phase, these spectral features 

were partly found to change in cells challenged 

with lactic acid, and in particular an important 

reduction of glycogen occurred. This result 

suggests that lactic acid treated cells have faster 

glycogen turnover, possibly due to energy demand 

required to maintain cell homeostasis (François and 

Parrou 2001). By late exponential phase, in lactic 

acid-treated cells there was a reduction in the 

intensity of the absorption mainly due to glycogen 

(~1156 cm-1, 1081 cm-1, 1023 cm-1). In addition, a 

slight reduction of the β 1→3 glucan absorption 

(~1156 cm-1, ~1104 cm-1, ~1081 cm-1) and of the 

β1→6 glucans at ~997 cm-1 was also detected, 

suggesting that the exposure to the stressing agent 

induced a reorganization of the cell wall 

components. The changes were even more 

profound in the stationary phase. Interestingly, 

glycogen was not detectable in either untreated or 

treated cells, but dramatic changes in the 

carbohydrate components of the cell wall were 

observed. Lactic acid-treated cells displayed a 

significant reduction in the intensity of the β1→3 

and β1→6 glucan bands, and of the mannan band at 

1046 cm-1 (Zimkus et al, 2013) compared to cells in 

absence of lactic acid. The spectrum of cells grown 

in the absence of lactic acid was characterized by a 

new band, not observed in the other phases of 

growth, at ~ 1028 cm-1 that can be assigned to 

β1→4 glucosidic bonds (Naumann 2000). 

Interestingly, this component almost disappeared in 

cells challenged with lactic acid. These results 

indicate that lactic acid led to a dramatic 

rearrangement of the cell wall properties - mainly 

involving the carbohydrate components - that 

started in the early exponential phase and continued 

progressively to the stationary phase.  

Summarizing the insights obtained from the FTIR 

analysis the lactic acid treatment results in four 

major types of cellular changes. (1) An increase in 

the level of protein aggregation caused by lactic 

and ethanol stress, which suggests protein 

misfolding; (2) a reduction in glycogen, possibly 

caused by energy requirements for homeostasis; (3) 

modification of lipids; and (4) carbohydrate cell 

wall remodeling. Some of these alterations are 

consistent with other studies on organic/lactic acid 

stresses in Z. bailii or other yeasts. The reduction of 

PC and the simultaneous slight increase in 

ergosterol could account for a reduction of 

membrane fluidity (Fajardo et al., 2011) that in turn 

could lead to the observed increased resistance to 

lactic acid. Lipodomic profiling of Z. bailii under 

acetic acid stress reported a high basal level of 

sphingolipids (Lindberg et al., 2013). Since the 

infrared response of sphingolipids (ceramide, 

glycolipids, etc) is very complex and covers the 

whole mid IR range, we could not find by second 

derivative analysis unambiguous variations of 

vibrational modes of the sphingolipid heads. The 

main reason may be due to overlapping absorption 

of lipid heads with other biomolecules absorption 

and no significant variations of their content. The 

decrease detected in acyl chain length in the 



stationary phase of growth could also contribute to 

lower membrane fluidity. Changes in cell wall in 

response to weak acids has previously been 

reported in S. cerevisiae where exposure to weak 

acids induced formation of a more rigid cell wall 

resistant to zymolyase digestion (Simoes et al., 

2006). Although the mechanism of response may 

be different in Z. bailii, the common response of 

cell wall modification suggests that this is an 

important tolerance mechanism in yeasts.  

In conclusion, the knowledge gathered during the 

study will help to better understand the weak acid 

tolerance of Z. bailii in the view of further 

ameliorating its biotechnological potential. 

 

 

Acknowledgements 

This work was supported by European Union FP7 

Marie Curie Programme [YEASTCELL - 7PQ 

MARIE CURIE (12-4-2001100-40)] and partially 

by the SYSBIO - Centre of Systems Biology 

(SysBioNet, Italian Roadmap for ESFRI Research 

Infrastructure). 

 

 



 

Figure 1 Spotting growth assay for weak acid tolerance screening of various Z. bailii and S. cerevisiae 

strains. Cells of the indicated Z. bailii and S. cerevisiae strains were cultivated until mid-exponential phase and 

spotted to Verduyn minimum medium plate (2% glucose) at pH 3, added with different concentration of lactic and 

acetic acid. Cells were 10-fold serially diluted and incubated at 30°C for 2 days. 

 

 

  



Figure 2 CO2 profile of the Z. bailii bioreactor batch fermentation. Cells were cultivated in bioreactor.  Gas 

samples were taken every 10 minutes. Solid line (control): Zb2 without lactic acid, dash line: Zb2 with 40 gL-1 

lactic acid. Results are average values of three replicates.  

 

 

  



Figure 3 Fermentation performance of Zb2 with and without lactic acid. Cells were cultivated in bioreactor 

using Verduyn minimum medium (40 gL-1glucose) under controlled condition (5% inlet oxygen, pH 3). Solid line 

(control): Zb2 without lactic acid. Dash line: Zb2 with 40 gL-1 lactic acid. A. Optical density at 660nm B. Lactic 

acid concentration C. Ethanol production rate D. Glucose consumption rate. Results are average values of three 

replicates. Error bars represent standard deviation from three independent fermentations. 

 

 

  



Figure 4 Propidium Iodide (PI) staining of Zb2 cells during course of bioreactor fermentation. Cells were 

cultivated in bioreactor. Samples were taken at 0, 12, 18 and 42 hours and stained with PI. Damaged/dead cells, 

positive for the staining, were detected using flow cytometry. The columns represent percentage of damaged/dead 

cells measured by fluorescence emission at 670nm (FL3).  Black columns (control): Zb2 without lactic acid. Grey 

columns: Zb2 with 40 gL-1 lactic acid. Error bars represent standard deviation from at least three independent 

experiments.  

 

 

  



Figure 5 FTIR spectrum of Z. bailii intact cells. FTIR absorption spectrum of Z. bailii cells, grown in Verduyn 

minimum medium in the absence and in the presence of 40 g/L of lactic acid (LA). FTIR analysis was performed 

at 24 hours after the inoculation, corresponding to the late exponential phase of growth. The assignment of 

selected bands to the main biomolecules is reported. 

 

 

  



Figure 6 Second derivatives of the FTIR absorption spectra of Z. bailii cells, in the absence and in the 

presence of lactic acid. Cells were grown in Verduyn minimum medium in the absence (control) and in the 

presence of 40 g/L of lactic acid (LA). FTIR analysis was performed at 18 hours, 24 hours and 42 hours after the 

inoculation, corresponding to the i: early exponential phase; ii: mid exponential phase; iii: stationary phase of 

growth. a: amide I band; b: vibrational modes mainly due to lipid hydrocarbon tails and head groups, as well as to 

phosphate groups; c: stretching modes from lipid hydrocarbon tails; d: spectral range dominated by the absorption 

of the cell wall carbohydrates. In a, b, and d derivative spectra have been normalized to the tyrosine band at ~ 

1516 cm-1, while in c spectra have been normalized at the CH3 band at  ~ 2959 cm-1. 

 

 

  



Table 1 Bioreactor settings used in this study. The settings were modified to closely resemble industrial organic 

acid batch fermentation, where low pH and aeration is essential. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

  

 Control Lactic Acid 

Medium 
Verdyun, 40 gL

-1
 Glucose Verdyun, 40 gL

-1
 Glucose, 40 gL

-1 
Lactic acid 

pH 3, controlled with NaOH 3, controlled with NaOH 

Air flow rate, (vvm) 0,75 0,75 

Stirring speed, (rpm) 400 400 

Inlet oxygen, (%) Set to 5%, not controlled Set to 5%, not controlled 

Initial OD
660nm

 0,1 0,1 

Temperature, (°C) 30 30 



Table 2 Physiological data obtained from microaerobic batch fermentation. Zb2 cells were cultured in 

minimal medium using bioreactors. The results were calculated from at least three biological replicates, and are 

given as the means with corresponding standard deviation. 

 

 Control Lactic Acid 

Specific growth rate µ, h-1 0,19 ±0.012 0,14 ±0.017 

Biomass yield x/s (g g
-1

) 0,13 ±0,01 0,11 ±0,007 

Ethanol yield EtOH/s (g g-1)  0,41 ±0,05 0,4 ±0,07 

Specific glucose consumption rate  
(g g DCW

-1
h

-1
) 

1,38 ±0.05 1,15 ±0.07 
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PHYSIOLOGICAL AND METABOLIC CHARACTERIZATION OF 

THE YEAST Candida lignohabitans 
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BACKGROUND 

One of the major goals of the bio-economy is the development of economically 

feasible and sustainable production processes, mainly based on biotransformation of 

fresh biomasses [1]. The development of such processes requires first of all the 

identification of suitable cell factories that are able to convert all the sugars derived 

from lignocellulosic material into value-added chemicals. 

As reported in Bellasio and coworkers [2], C. lignohabitans is a promising microbial 

host for production of organic acids from lignocellulosic material. Indeed, this yeast 

proved to be able to grow on several hexose (glucose, mannose and galactose) and 

pentose (xylose and arabinose) sugars. Moreover, it also proved a good tolerance 

towards low pH and lignocellulose-derived inhibitors. 

However, still very few information regarding its physiology and metabolism are 

available in literature. Moreover, all cultivations described to date were performed in 

shake flasks, which are systems known not to offer the possibility to control and 

regulate chemical-physical parameters as bench-top bioreactor [3]. 

Here, batch and chemostat cultivations were performed in bench-top bioreactor to 

deeply investigate the metabolism of C. linohabitans. In particular, this work was 

aimed at the identification of parameters that can allow to control in C. 



                                

 

lignohabitans the transition from a fully respiratory to a respiro-fermentative 

metabolism.  

Be able to provide the optimal oxygen supply would be crucial for the process 

control since many fermentation products are produced under microaerobic or 

anaerobic conditions, in which oxygen is undetectable by dissolved oxygen probe. 

 

 

RESULTS AND DISCUSSION 

 

Batch cultivations 

For the characterization of the yeast C. lignohabitans the identification of a suited 

defined mineral medium was a primary requirement. 

Three different defined mineral medium were evaluated: Verduyn media (modified 

from [4]), MeOL (modiefied from [5]) and B15 (medium suited for Yarrowia 

lipolytica cultivations). The rich media, YPD, was used as reference since in 

Bellasio and coworkers [2] it proved to guarantee high biomass production in shake 

flasks experiments. 

For preliminary experiments, glucose was used as sole carbon and energy source at 

the concentration of 50 g L
-1

. Cultivations were performed at 30°C, pH 6.5 and 

followed for 44 h. Full aerobic conditions were maintained by setting a set point of 

30 % of dissolved oxygen controlled in cascade with stir and air flow (see Table 1 

for details). 

 

 

 

 

 



                                

 

 

 

 

 

Figure 1. – Growth and glucose consumption profiles of C. lignohabitans batch 

cultivations with YPD and three different defined mineral medium. 

Growth curves (a; continuous lines) and glucose consumption profiles (b; dashed lines) of C. 

lignohabitans cells cultivated at 30°C and pH 6.5. Batch cultivations were performed in aerobic 

conditions: 30 % of dissolved oxygen maintained through a cascade (Table 1). Glucose was used as sole 

carbon source at the final concentration of 50 g L-1. In addition to YPD medium (filled squares), three 

different defined mineral medium were evaluated: Verduyn (filled triangles), MeOL (filled circles) and 

B15 (filled diamonds). 

 

As shown in Figure 1, four different growth trend were obtained. As expected, the 

faster growth rate was observed on YPD medium where glucose was completely 

exhausted after 24 h (Figure 1b). On MeOL and B15 medium glucose consumption 

was very slow and after 24 h of cultivation only 8.7 and 14.1 g L
-1

 of glucose were 



                                

 

consumed, respectively. On Verduyn media sugar consumption was faster compared 

to the others defined medium but still slower compared to YPD medium: after 24 h 

of cultivation, 39.1 g L
-1 

of glucose were consumed. 

However, since Verduyn was by far the most promising defined mineral medium, 

triplicate experiments were performed taking samples every two hours (data not 

shown). A specific growth rate (μ) of 0.25 h
-1 

was calculated during the exponential 

growth phase, almost identical to that calculated on YPD medium. From these 

experiments emerged that the slower glucose consumption on Verduyn media was 

related only to a longer lag phase. 

Overall, Verduyn medium was able to meet the nutritional growth requirements of 

C. lignohabitans and was therefore chosen as defined mineral medium for the next 

experiments. 

 

Once identified a suitable defined mineral medium the metabolic capabilities of C. 

lignohabitans were evaluated in aerated liquid cultures with Verduyn media 

supplemented with: 5 % of glucose, 5 % of xylose, 3 % of glucose and 2 % of 

xylose, and 25 % of hydrolysate. Since in the hydrolysate the amount of sugars can 

vary depending on the hydrolysis process, when hydrolysate was used the final 

concentration of sugars was adjusted in order to have 3 % of glucose and 2 % of 

xylose. 

Operative condition were maintained as those described in batch experiments. 

 

 

 

 

 

 



                                

 

 

 

 

 

 

Figure 2. – Growth and sugar consumption profiles of C. lignohabitans batch cultivations 

in aerobic conditions. 

Growth curves (a; continuous lines), glucose (b; dashed lines) and xylose (b; continuous lines) 

consumption profiles of C. lignohabitans cells cultivated at 30°C and pH 6.5. Batch cultivations were 

performed in aerobic conditions: 30 % of dissolved oxygen maintained through the cascade (Table 1). 

Four different experimental settings were evaluated: Verduyn media with 5 % glucose (filled triangles), 

Verduyn media with 5 % xylose (filled diamonds), Verduyn media with 3 % glucose and 2 % xylose 

(filled circles) and Verduyn media with 25 % of hydrolysate (filled squares). 

 

As shown in Figure 2a in all the tested conditions a high amount of biomass 

reaching similar maximum values was accumulated (21.0 ± 1 g L
-1

). Almost 



                                

 

identical growth profiles and biomass yields were observed for cultivations in 

defined mineral medium supplemented with glucose and/or xylose. Instead, a longer 

lag phase was observed during cultivation with 25 % of hydrolysate (Figure 2a). 

During cultivations with both glucose and xylose, the latter was never used until 

complete glucose consumption (Figure 2b). 

The production of metabolites during these aerated liquid cultures was also 

monitored at different time points (data not shown). In general, no ethanol 

production, or at least not at detectable level, was observed during aerobic batch 

cultivations. 

 

To evaluate the influence of oxygenation the experiments just described were 

repeated in micro-aerobic conditions (Figure 3). During these cultivations stir was 

fixed at 400 rpm, air flow at 2 sL h
-1

 and no control was set on the percentage of 

dissolved oxygen. The cultivations were started in aerobiosis but a micro-aerobic 

environment was rapidly reached in each bioreactor with the increase of the 

biomass. 

 

 

 

 

 

 

 

 

 

 

 



                                

 

 

 

 

 

Figure 3. – Growth and sugar consumption profiles of C. lignohabitans batch cultivations 

in microaerobic conditions. 

Growth curves (a; continuous lines), glucose (b; dashed lines) and xylose (b; continous lines;) 

consumption profiles of C. lignohabitans cells at 30°C and pH 6.5. Batch cultivations were performed in 

microaerobic conditions (400 rpm and 2 sL h-1). Four different experimental settings were evaluated: 

Verduyn media with 5 % glucose (filled triangles), Verduyn media with 5 % xylose (filled diamonds), 

Verduyn media with 3 % glucoe and 2 % xylose (filled circles) and Verduyn media with 25 % of 

hydrolysate (filled squares). 

 

As expected, oxygenation played a key role in the biomass production. As shown in 

Figure 3a the highest biomass production was observed when glucose was present as 



                                

 

sole carbon source: after 44 h glucose was exhausted leading to the accumulation of 

7.6 g L
-1

 of biomass (compared to 21.0 g L
-1

 of biomass in aerobic conditions). 

An even lower biomass production was observed in the other conditions and this 

was due to the very slow xylose consumption capability: after 68 h only 16.8 g L
-1

 of 

xylose were consumed starting from 47.9 g L
-1

. 

the production of metabolites was monitored Also during micro-aerobic liquid 

cultures at different time points (data not shown). Ethanol was detected when 

glucose was used as carbon source. As example, starting from 50 g L
-1

 of glucose 

14. 4 g L
-1

 of ethanol were accumulated. 

No ethanol production, or at least not at significant levels, was observed from 

xylose. Instead, up to 4.5 g L
-1 

of xylitol were accumulated from less than 10 g L
-1

 of 

xylose. 

In these conditions, C. lignohabitans also showed to accumulate significant amounts 

of glycerol. A maximum titer of 2.8 g L
-1

 was obtained after the consumption of 50 

g L
-1

 of glucose. Glycerol is a known by-product of fermentation of sugars to 

ethanol, contributing to the maintenance of the redox balance in the cell in oxygen-

limited cultures [6]. 

 

The ability of C. lignohabitans to grow aerobically on Verduyn medium 

supplemented with 50 and 100 % of hydrolyzed lignocellulosic material was also 

investigated (Figure 4). During these experiments the total amount of sugars was 50 

g L
-1

 (40 g L
-1

 glucose and 10 g L
-1

 xylose) and 100 g L
-1

 (80 g L
-1

 glucose and 20 g 

L
-1

 xylose) for 50 and 100 % hydrolysate, respectively. In parallel, batch cultivations 

with the same amount of sugars but without hydrolysate were also performed as 

control. 

 

 



                                

 

 

 

 

 

Figure 4. – Growth and sugar consumption profiles of C. lignohabitans batch cultivations 

in aerobic conditions with 50 and 100 % of hydrolysate. 

Growth curves (a; continuous lines), glucose (b; dashed lines) and xylose (b; continuous lines) 

consumption profiles of C. lignohabitans cells at 30°C and pH 6.5. Batch cultivations were performed in 

aerobic conditions: 30 % of dissolved oxygen maintained through the cascade (Table 1). Four different 

experimental settings were evaluated: Verduyn media with 4 % glucose and 1 % xylose (filled triangles), 

Verduyn media with 50 % of hydrolysate (filled diamonds), Verduyn media with 8 % glucose and 2 % 

xylose (filled circles) and Verduyn media with 100 % of hydrolysate (filled squares). 

 

As shown in Figure 4 high hydrolysate concentrations severely affect C. 

lignohabitans growth capability. In particular, when Verduyn medium was 

supplemented with 50 % of hydrolysate a long lag phase (around 20 h) was 



                                

 

observed. However, after 41 h of cultivation sugars were completely consumed 

leading to a biomass production similar to that of the respective control: 22.4 and 

22.9 g L
-1

 of biomass were obtained in cultivations with and without hydrolysate, 

respectively. 

Instead, when Verduyn medium was supplemented with 100 % of hydrolysate no 

growth was observed even after 88 h of cultivation. In the respective control, 100 g 

L
-1

 of glucose were exhausted after 41 h leading to a maximum biomass production 

of 41.1 g L
-1

. 

In general, high amount of hydrolysate are inhibitory for C. lignohabitans. However, 

it must considered that the starting biomass was low compared to those usually used 

in cultivations with 100 % of hydrolysate [7]. Therefore, the experiment with 100 % 

of hydrolysate should be repeated starting with a higher initial biomass. 

 

Chemostat cultivations 

Chemostat cultures can be used in physiological studies to specifically investigate 

the effect of individual culture parameters [8]. In particular, as reported in literature 

[9-11] during chemostat cultivation several physiological and transcriptional 

responses to the availability of oxygen and/or glucose have been identified. 

The goal of our study was to investigate the dynamic adaptation of C. lignohabitans 

to the transition from the aerobic, sugar-limited and respiratory growth to the micro-

aerobic, sugar-limited and fermentative condition. In particular, during this 

transition we were interested in a deeper understanding of the changes in redox 

values and in respiration activity parameters (OTR, CTR, RQ). 

Aerobic sugar-limited chemostat cultures grown at a moderate specific growth rate 

(0.1 h
-1

) were exposed to sequential perturbations. Every time a steady-state was 

reached and proved to be stable for at least 12 h, a change in the percentage of 

dissolved oxygen or in the percentage of inlet oxygen was applied. This resulted in a 



                                

 

total of 8 different conditions tested for each chemostat (see Matherial and Methods 

for details). Also the dilution rate was changed over time in order to avoid a wash-

out and to help reaching the new steady-state. 

Overall, three different chemostat cultivations were performed. These differed only 

in the carbon source: glucose (setup 1), a mix of glucose and xylose (setup 2) and 

xylose (setup 3). The chemostat cultivations were constantly monitored (Biomass 

and HPLC measurements, RQ, OTR and CTR calculations) and lasted 480 h. 

 

 

 

 

 

 



                                

 

Figure 5. – Redox, OTR and biomass representative values during the chemostat 

cultivations. 

Redox (continuous line; empty circles), OTR (continuous line; filled squares) and biomass (dashed line; 

filled triangles) values during 480 h of chemostat cultivations performed with different carbon sources: 

glucose (a; setup 1), glucose and xylose (b; setup 2) and xylose (c; setup 3). During the chemostat 

cultivations for every steady-state reached representative redox, OTR and biomass value was reported. 

 

In Figure 5 it is possible to observe some representative redox, OTR and biomass 

values that were extrapolated from the obtained data. In general, independently from 

the carbon source, biomass values were constant until 300 h. This indicating that the 

decrease of the percentage of dissolved oxygen (from 30 % to 1.25 %) did not affect 

greatly the system and the achievement of a new steady-state. Instead, with the 

decrease of the percentage of inlet oxygen (from 21 % to 10 %) it is clearly possible 

to observe a loss in biomass. This decreased continued until a new steady-state was 

reached. With the further decrease of the percentage of inlet oxygen (from 10 % to 5 

%) it was also necessary to reduce the dilution rate in order to avoid a wash out and 

make the achievement of a new steady-state possible. This drastic decrease of the 

biomass was an indicator of the shift form a fully respiratory to a respiro-

fermentative metabolism. 

A further prove of this was provided from redox values. As shown in Figure 5, 

redox values decreased progressively all along the chemotat cultivations. However, 

while the decrease was in the range of 100-200 mV during the first 300 h, the 

decrease was in the range of 200-400 mV during the next 100 h. Since, as reported 

in literature [12] redox potential reflects overall electron transfer and redox balance 

involved in intracellular metabolism, obtained values are a further indication of the 

shift to a respiro-fermentative metabolism. 

An additional indication of this transition was obtained from the calculation of OTR, 

CTR and RQ. In particular, the respiratory quotient (RQ) it is well known to be an 

indicator of the metabolism. Independently from the carbon source, until 300 h the 



                                

 

RQ was around 1 (data not shown), as expected during aerobic respiration of 

carbohydrates. Instead, after 300 h of cultivation on glucose or glucose and xylose 

the RQ values increased to 2-3. As expected, this increase in RQ values wan not 

observed on xylose since, as previously described, this was not fermented (at least 

not to a significant level) to ethanol during micro-aerobic conditions. 

Overall, all these data provide a solid indication of the range of values in which the 

transition occurred. 

 

 

CONCLUSION 

Here, the metabolic capabilities of the yeast C. lignohabitans were deeply 

investigated. 

On the one hand, the ability to rapidly consume xylose in aerobic conditions as well 

as the good tolerance to inhibitory compounds make C. lignohabitans a reliable 

microbial host for production of chemicals from lignocellulosic material. On the 

other hand, the very slow xylose consumption capability in micro-aerobic conditions 

as well as the inability to grow on 100 % of hydrolysate represent potential obstacles 

for the development of an efficient second generation production process. Further 

investigations are therefore necessary in order to highlight limits and potentials of 

this yeast. 

Currently, many fermentation products are produced under microaerobic or 

anaerobic conditions, in which oxygen is undetectable by dissolved oxygen probe. 

Therefore, provide the optimal oxygen supply represents a challenge for process 

monitoring and control. 

In this study, during the chemostat cultivations both redox potential and respiratory 

quotient emerged as suitable control parameters for optimum oxygen supply in C. 

lignohabitans. 



                                

 

Obtained data will be used to write a program script for the control of the C. 

lignohabitans fermentations. 

To conclude, the development of an efficient production process will be crucial for 

the success of C. lignohabitans as fermentative host for the production of organic 

acids. 

 

 

MATHERIALS AND METHODS 

 

Strain and media 

The strain C. lignohabitans CBS 10342 was obtained from the CBS-KNAW (Fungal 

Biodiversity Centre, The Netherlands). Cells were maintained at -80 °C in YPD 

medium (1 % yeast extract, 2 % soy peptone, 2 % glucose) supplemented with 10 % 

(w/v) glycerol. 

According to [4], the composition of the inoculum and fermentation medium was 

(per liter): 5 g of (NH4)2SO4, 3 g of KH2PO4 and 0.5 g of MgSO4 7H2O. After the 

pH was adjusted to 6.5 using NaOH 4 M, the medium was supplemented with a 

1000X trace mineral stock solution and a 1000X vitamins stock solution. The trace 

mineral stock solution consist of (per liter): 15 g EDTA, 4.5 g ZnSO4 7H2O, 1 g 

MnCl2 4H2O, 0.3 g CoCl2 6H2O, 0.3 g CuSO4 5H20, 0.4 g Na2MoO4 2H2O, 4.5 g 

CaCl2 2H2O, 3 g FeSO4 7H2O, 1 g H2BO3 and 0.1 g Kl. The vitamins stock solution 

consist of (per liter): 0.05 g D-biotin, 1 g Ca D(+)panthotenate, 1 g Nicotinic acid, 

25 g Myo-inositol, 1 g thiamine hydrochloride, 1 g pyridoxol hydrochloride and 0.2 

g p-aminobenzoic acid. 

Glucose and/or xylose were used as carbon and energy source. 

 

 



                                

 

Preparation of lignocellulosic hydrolysates 

Straw, Miscanthus, sawdust, shrub cuttings and wood chips containing 30 % (w/w) 

spruce and 70 % (w/w) beech were chosen as lignocellulosic biomass. A steam 

explosion treatment (15 min at 121 °C, 2 bar) was performed and the samples were 

stored at -20 °C until further treatment. The dry matter content of the lignocellulosic 

samples was determined and adjusted to 20 % with water. Cellic Ctec2
®

 

(Novozymes
®
, USA) was added according to the manufacturer’s recommendations 

and the enzymatic digestions were performed in shake flasks at 50 °C, 220 rpm, for 

72 h. The liquid fraction resulting from the digestion was separated from the solid 

residues by centrifugation, filter-sterilized and used as stock for preparation of 

media.  

 

Batch cultures 

For the batch cultivations a bioreactor system (DASGIP AG, Jülich, Germany) with 

four parallel bioreactors was used. The reactors were sterilized by autoclaving at 121 

°C for 20 min. The culture medium was supplemented with 5 % pure carbon sources 

or with steam explosion treated, cellulose digested lingocellulosic material and was 

added by sterile filtration into the reactor.  

Starting from a fresh YPD agar plate, a single colony of the parental strain was used 

to inoculate a 500 mL flask with 50 mL of defined medium. The pre-culture was 

grown overnight and once exponential growth phase was reached the appropriate 

volume from the pre-culture was used to inoculate 700 mL culture medium at the 

OD600 of 0.1. 

Cultivations were carried out in aerobic or micro-aerobic conditions with O2 and N2 

gassing (DASGIP AG, Jülich, Germany). The starting stirring speed was 400 rpm, 

the temperature set to 30.0 °C and the pH controlled at 6.5 with 4 M KOH. pH, pO2 

and redox reduction potential values were monitored with sensors provided by the 



                                

 

bioreactor system. During aerobic cultivations a cascade was applied in order to 

optimize biomass production (Table 1). 

 

Table 1. – Range of values (min and max) of agitation speed, flow rate and inlet oxygen 

during batch cultivations in aerobic conditions. 

 

 

 

During batch cultivations twelve milliliters of samples were taken at regular 

intervals throughout the whole cultivation duration. 

 

Chemostat cultures 

For the chemostat cultivations a bioreactor system (DASGIP AG, Jülich, Germany) 

with four parallel bioreactors was used. The reactors were sterilized by autoclaving 

at 121 °C for 20 min and the culture medium was added by sterile filtration into the 

reactor. The starting stirring speed was 400 rpm, the temperature set to 30.0 °C and 

the pH controlled at 6.5 with 4 M KOH. pH, pO2 and redox reduction potential 

values were monitored with sensors provided by the bioreactor system. 

Starting from a fresh YPD agar plate, a single colony of the parental strain was used 

to inoculate a 500 mL flask with 50 mL of defined medium. The pre-culture was 

grown overnight and once exponential growth phase was reached the appropriate 

volume from the pre-culture was used to inoculate 400 mL culture medium at the 

OD600 of 0.1. 

The culture volume was kept constant by a mass-controlled pump: a specific script 

was used to control the bioreactor volume via the DASGIP software. 



                                

 

Three different experimental conditions differing only in the carbon source were 

investigated: glucose (setup 1), glucose and xylose (setup 2) and xylose (setup 3). 

The feed was Verduyn medium with 5 % glucose for setup 1, 3 % glucose and 2 % 

xylose for setup 2 and 5 % xylose for setup 3. Tween and Ergosterol for growth in 

microarobic/anaerobic conditions were added. The feed medium was prepared in 2 L 

bottles and sterilized by filtration through a 0.2 μm membrane filter. A specific 

system was designed for the exchange of the bottles every 2 to 4 days.  

Cultivations were started in aerobic conditions. Growth in batch mode was 

performed until the exhaustion of the carbon source. Subsequently, the flow of fresh 

substrate was turned on. The flow rate was chosen to give appropriate dilution rate. 

At least three change of volume were necessary before the steady state was reached. 

The dilution rate, the percentage of dissolved oxygen and the inlet percentage of 

oxygen were changed over time as shown in Table 2. Every time one of these 

operative values was changed three change of volume were necessary to reach a new 

steady state. 

 

Table 2. – Dilution rate, percentage of dissolved oxygen and inlet percentage of oxygen 

during chemostat cultivations. 

 

 



                                

 

For the first six configurations was applied the cascade described in Table 1 while in the last two 

configuration stir was fixed at 400 rpm and flow rate at 2 sL h-1 

 

Measurements and Calculations 

In continuous culture, the dilution rate (D) depends of the flow rate (F) and the 

volume of the fermentor (V) according the equation: 

D = F/V 

The dilution rate was chosen according to C. lignohabitans specific growth rate (μ) 

calculated during exponential growth phase and considering that if µ is kept < µmax 

then dilution rate D can be varied over a fairly wide range without wash-out. 

A DASGIP Off-gas Analyzer GA4 (DASGIP BioTools, LLC, Shrewsbury, MA) 

was connected to bioreactor off-gas streams. Differences between oxygen 

composition in the inlet and outlet gas represent consumption in the bioreactor by 

the equation [13]: 

OTR = c/V*(F
in*

C
in 

- F
out*

C
out

) = OUR 

wherein OTR is the oxygen transfer rate in mmol=(L*h), c is the standard molar 

volume constant of 44.64 mmol=standard L, V is the working volume of the 

bioreactor in L, F is the total gas flow rate in standard L=h and C is the percentage 

of oxygen in the gas stream. Cell-specific OUR was calculated by first fitting a 

curve to the viable cell density time course. Dividing the local OUR by the 

respective cell density results in the cell-specific OUR value. 

 

Biomass quantification 

Biomass was quantified by measuring the optical density of culture samples at 600 

nm and by determining the cell dry weight (CDW). A correlation between OD600 

and dry biomass content was established. Interestingly, the correlation is: 

OD600/5.546 = g L
-1

 dry biomass during the initial exponential growth phase on 

sugars, but decreases to OD600/9.703 = g L
-1 

dry biomass during the later growth 



                                

 

phase on fermentation products (no significant change in morphology can be 

observed). 

 

HPLC measurements 

The concentrations of d-glucose, d-xylose, glycerol, ethanol and acetic acid in the 

culture were determined by HPLC analysis (Shimadzu, Korneuburg, Austria). 

Samples were prepared for the analysis adding H2SO4 to a final concentration of 4 

mM; the samples were filtrated and 10 μL were injected in a Rezex ROA-Organic 

Acid H 
+
 column (300 × 7.8 mm, Phenomenex, USA). The column was operated 

with 4 mM H2SO4 as mobile phase, with 1.0 mL min
-1

 flow rate at 60 °C. A 

refraction index detector (RID- 10A, Shimadzu, Korneuburg, Austria) was used for 

quantification of sugars. 
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- Nobody ever figures out what life is all about, and it doesn’t matter.  

Explore the world. Nearly everything is really interesting 

 if you go into it deeply enough. - 

 



  



 
 


